
 

 
 

 

 

 

PHTHALATE ESTERS DEGRADATION 

MECHANISMS BY ENZYMES 

 
 

 

 

 

 

 

 
A Thesis Submitted to  

the Graduate School of Engineering and Sciences of  

İzmir Institute of Technology 

In Partial Fulfillment of the Requirements for the Degree of  

 

DOCTOR OF PHILOSOPHY 

 

in Environmental Engineering  

 

 

 

 
by 

ESİN BALCI 

 
 

 

 

 

 

 

December 2023 

İZMIR

 

 



 

 

We approve the thesis of Esin BALCI 

 

Examining Committee Members: 

 

 

Prof. Dr. Aysun SOFUOĞLU 

Department of Chemical Engineering, İzmir Institute of Technology 

 

 
Prof. Dr. Nurdan BÜYÜKKAMACI 

  Department of Environmental Engineering, Dokuz Eylül University 

 

 
Assoc. Prof. Dr. Hatice Eser ÖKTEN 

  Department of Environmental Engineering, İzmir Institute of Technology 

 

 
Assoc. Prof. Dr. Nur Başak SÜRMELİ-ERALTUĞ 

  Department of Bioengineering, İzmir Institute of Technology 

 

 
Assoc. Prof. Dr. Serpil ÖZMIHÇI 

  Department of Environmental Engineering, Dokuz Eylül University 

 

 

 

         7 December 2023 

 

 

Prof. Dr. Aysun SOFUOĞLU   Prof. Dr. Gülşah ŞANLI-MOHAMED 

  Supervisor              Co-supervisor  

  Department of Chemical Engineering        Department of Chemistry 

  İzmir Institute of Technology           İzmir Institute of Technology 

 

 
Prof. Dr. Sait Cemil SOFUOĞLU   Prof. Dr. Mehtap EANES 

  Head of Department of Environmental       Dean of the Graduate School of  

  Engineering                                                 Engineering and Sciences 

  İzmir Institute of Technology                 İzmir Institute of Technology



 

 

ACKNOWLEDGMENT 

 

 

First of all, I would like to express my deepest and most sincere gratitude to my 

advisor Prof. Dr. Aysun SOFUOGLU for her supervision, support, continuous feedback, 

encouragement, guidance, and patience throughout the thesis. I would also like to extend 

my gratitude to my co-advisor, Prof. Dr. Gülşah ŞANLI-MOHAMED, for her invaluable 

guidance and support.  

 I am grateful to Prof. Dr. Maria Angeles SANROMAN BRAGA, Prof. Dr. Marta 

M. PAZOS CURRAS, and Assoc. Prof. Dr. Emilio ROSALES VILLANUEVA for 

accepting me to their laboratory as a researcher, providing invaluable support and 

continuous feedback and offering guidance throughout my studies. Furthermore, I would 

like to thank each of my colleagues in the Bioengineering & Sustainable Processes Group 

(BIOSUV) laboratory at the University of Vigo for their hospitality. 

I would like to thank my thesis monitoring jury members, Assoc. Prof. Dr. Hatice 

Eser ÖKTEN and Assoc. Prof. Dr. Nur Başak SÜRMELİ-ERALTUĞ for their help and 

valuable suggestions throughout the thesis. I want to thank all my jury members for their 

constructive feedback to improve the overall quality of my thesis. 

I warmly express my special thanks to Baki Sonat DEMİRDİREK, Filiz 

KURUCAOVALI, Dr. Bilal Orkan OLCAY, and my close friends for their help and 

support. I would like to thank valuable specialists working in the Environmental 

Development Application and Research Center, Biotechnology and Bioengineering 

Application and Research Center and the Center for Materials Research at İzmir Institute 

of Technology for providing technical support. 

I would like to thank the Scientific and Technological Research Council of Türkiye 

(TUBITAK) for financially supporting me with 2214-A Doctoral Research Fellowship 

Program for my international Ph.D. studies. 

Finally, I would like to thank my beloved family; my father Şahin BALCI, my 

mother Yıldız BALCI, my brother-in-law Murat GELMEZ, and my dear sister Sezin 

GELMEZ for their never-ending love, support, and encouragement.



 

iv 

 

ABSTRACT 

 

PHTHALATE ESTERS DEGRADATION MECHANISMS BY 

ENZYMES 
 

Phthalate esters (PAEs) stand out as the priority toxicants due to their carcinogenic, 

mutagenic, and teratogenic properties. The enzymatic degradation is hailed for its 

recognized safe and environmentally friendly properties. This study delved into PAEs’ 

degradation, especially dibutyl phthalate (DBP) and diethylhexyl phthalate (DEHP) by 

recombinant esterase from Geobacillus sp. isolated from Balçova Geothermal region in 

İzmir. The esterase exhibited efficient degradation of DBP but had limited effectiveness 

in degrading DEHP. Many experiments were conducted to compare the ability of 

recombinant esterase to degrade DBP and DEHP with that of commercially available 

enzymes secreted from various microorganisms. Among these enzymes, Bacillus subtilis 

esterase and Rhizomucor miehei lipase had the highest ability. They were immobilized on 

halloysite nanotubes (HNTs) by adsorption method to enhance their stability and prolong 

their activity in applications. To investigate the impact of immobilization methods, two 

bionanocomposites were formed by immobilization of Bacillus subtilis esterase to HNTs 

with chitosan (CTS) and alginate (ALG) by the cross-linking method. Two fixed-bed 

reactors with CTS-HNT-EST and ALG-HNT-EST were operated in batch and continuous 

modes for PAEs’ degradation. CTS-HNT-EST exhibited superior efficacy and durability 

in PAEs’ removal for both modes. Lastly, bioremediation experiments were conducted in 

PAEs-contaminated soils using Bacillus subtilis esterase and recombinant esterase. 

Although both esterase had the same active site triad, recombinant esterase had a less 

significant effect on PAEs’ degradation. This fact can be attributed to different substrate 

specificity and enzyme dynamics. Despite variations in their degradation capabilities, 

both commercial and newly engineered recombinant enzymes demonstrate considerable 

potential for breaking down PAEs.
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ÖZET 

 

FİTALAT ESTERLERİNİN ENZİMLERLE BOZUNMA 

MEKANİZMALARI 

 

Fitalat Esterleri (PAE'ler) kanserojen ve teratojenik özellikler gösteren ve endokrin 

bozulmasıyla ilişkilendirilmiş öncelikli toksik maddeler olarak bilinmektedir. Enzimatik 

degradasyon güvenli ve çevre dostudur. Bu çalışma İzmir Balçova Jeotermal bölgesinden 

izole edilen termofilik Geobacillus sp.’lerden rekombinant esteraz enzimi elde edilip, 

kullanılarak DBP ve DEHP’lerin enzimatik degradasyonununa odaklandı. Rekombinant 

esteraz, DBP'yi etkili bir şekilde degrade etmesine rağmen, DEHP'nin degradasyonunda 

daha düşük bir performans sergilemiştir Rekombinant esterazın DBP ve DEHP'yi 

parçalama yeteneğini, çeşitli mikroorganizmalardan salgılanan ticari enzimlerle 

karşılaştırmak için pek çok deney gerçekleştirildi. Bu enzimler arasından Bacillus subtilis 

esterazı ve Rhizomucor miehei lipazı, dibütil ftalat (DBP) ve dietilhekzil ftalat (DEHP) 

için kısa sürede yüksek degradasyon performansı sergilemiştir. Enzimler, stabilitelerini 

geliştirmek, kullanım sürelerini artırmak ve uygulamalarda aktivitelerini korumak için 

halloysite nanotüplere (HNT'ler) adsorpsiyon yöntemiyle immobilize edildi. 

Immobilizasyon metodlarının etkisini araştırmak amacıyla, Bacillus subtilis esterazı 

kitosan (CTS) ve aljinat (ALG) ile modifiye edilmiş HNT'lere çapraz bağlama metoduyla 

immobilize edildi ve iki biyonanokompozit oluşturuldu. CTS-HNT-EST ve ALG-HNT-

EST biyokompozitleriyle doldurulmuş iki sabit yataklı reaktör, PAE'leri degrade etmek 

için kesikli ve sürekli modlarda çalıştırılmıştır. CTS-HNT-EST iki modta da PAE'lerin 

degradasyonunda üstün bir performans ve dayanıklılık göstermiştir. Son olarak, 

PAE'lerce kirlenmiş topraklarda, recombinant ve Bacillus subtilis esterazları varlığında 

enzimatik biyoremediasyon deneyleri gerçekleştirilmiştir. İki esteraz aynı aktif bölge 

üçlüsüne sahip olmasına rağmen, rekombinant esterazın DBP ve DEHP degradasyonu 

üzerinde daha az etkisi olmuştur. Bu durum, farklı substrat spesifisitesine ve enzim 

dinamiklerine bağlanmaktadır. Bozunma yeteneklerindeki farklılıklara rağmen, hem 

ticari hem de yeni tasarlanmış rekombinant enzimlerin, PAE'leri parçalamak için önemli 

bir potansiyel gösterir.
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CHAPTER 1 
 

 

INTRODUCTION 

 

 

Endocrine disrupting chemicals (EDCs) are synthetic industrial pollutants that 

contaminate our environment and have been linked to abnormal developmental patterns, 

immunological issues, cancers, neurodevelopmental delays, and reproductive issues in 

the human population (WHO and UNEP, 2012). Every year, thousands of these chemicals 

are produced around the world, and most of them could potentially affect hormones. 

Phthalate Esters or Phthalic Acid Esters (PAEs) are a group of widely utilized 

plasticizer chemicals that are environmentally pervasive. Many of PAEs interfere with 

the endocrine system of humans and mammals at extremely low concentrations (Hannon 

and Flaws, 2015). They are considered to be mutagenic, hepatoxic, and carcinogenic 

agents. The current global production of PAEs is estimated at 300 million tons, and it is 

projected to increase to 500 million tons by 2050, with a massive portion of this 

production consisting of single-use products (Sardon and Dove, 2018). PAEs are easily 

released into the environment including atmosphere, lithosphere (soil and sediment), and 

hydrosphere (surface water, wastewater, etc.) through the large-scale production and wide 

commercial use due to their weak interactions (hydrogen bonds or van der Waals forces) 

with plastic matrix.   

PAEs are among the most detected persistent organic pollutants (POPs) in the 

environment. Considering the hazards of PAEs and their large scale and worldwide use, 

six congeners of PAEs; dimethyl phthalate (DMP), diethyl phthalate (DEP), dibutyl 

phthalate (DBP), di-n-octyl phthalate (DnOP), diethylhexyl phthalate (DEHP), and butyl 

benzyl phthalate (BBP), have been listed as priority pollutants by United States 

Environmental Protection Agency, the European Union, and the China National 

Environmental Monitoring Center. The effective removal of PAEs in the environment 

poses a serious challenge because the global consumption of PAEs continues to rise.  
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1.1. Physical and chemical properties of PAEs 

 

 

PAEs are chemical compounds that are synthesized by the esterification of phthalic 

anhydride with various alcohols. The physicochemical properties of PAEs can vary 

significantly based on their chemical structures and the length of their alkyl side chains 

(Tran et al., 2022a). PAEs are colorless or slightly yellowish liquids with no odor and a 

flavorless nature. They show a more fluid and oily structure as the length of the alkyl side 

chains increases (Staples, 2003). Most of PAEs have low volatility and poor solubility in 

water. Nevertheless, they are soluble in organic solvent and oils (Gani et al., 2017). They 

may exist in liquid form at a wide range of temperatures (25–50°C) and are chemically 

stable (Tran et al., 2021). Their boiling points range from 230°C to 486°C, whereas their 

melting points are often less than -25°C.  

PAEs can be used for various purposes because of their different chemical and 

physical characteristics (Bornehag et al., 2005). They are divided into long chains (PAEs 

with 7 to 13 carbon chains) and short chains congeners (PAEs with 3 to 6 carbon chains). 

Long-chain phthalates including di(2-ethylhexyl) phthalate (DEHP), dioctyl phthalate 

(DnOP), di-iso-decyl phthalate (DiDP) and di-iso-nonyl phthalate (DiNP) are commonly 

used in PVC polymers. Short-chain phthalates including dibutyl phthalate (DBP), butyl 

benzyl phthalate (BBP), diethyl phthalate (DEP), dimethyl phthalate (DMP), and di-iso-

butyl phthalate (DiBP) are frequently used in non-PVC applications (Wittassek et al., 

2011).  

Solubility in both air and water decreases significantly by order of magnitude from 

the short alkyl side chain PAEs such as DMP to the long alkyl side chain PAEs such as 

DEHP. The octanol-water partition coefficient (KOW), indicative of hydrophobicity, rises 

by order of magnitude as the alkyl side chain length increases (Cousins et al., 2003; Net 

at al., 2015). This increase is mainly controlled by the reduction in water solubility rather 

than an increase in octanol solubility. Cousins and Mackay (2000) highlighted that the 

sensitivity of solubilities in octanol to variations in molar volume is considerably lower 

compared to solubilities in water and air. The decrease in solubilities from DMP to 

Ditridecyl phthalate (DTDP) in octanol is only approximately one order of magnitude, 

whereas in water, it decreases by 11 orders of magnitude. Consequently, the observed 

increase in the KOW with longer alkyl chain lengths can be attributed to the fact that 
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solubilities in water experience a more significant decrease per unit volume in molar 

volume than solubilities in octanol. However, vapor pressure at 25ºC in mm Hg decreases 

with the increasing molecular mass (g/mol) or alkyl side chains. These properties play a 

significant role in the behavior, fate/transport, and degradation of PAEs in various 

environmental compartments, including the biosphere, hydrosphere, atmosphere, and 

lithosphere. They can significantly impact on PAEs’ potential for persistence and 

bioavailability. High KOW values of PAEs are strongly associated with particles in air and 

water and they result in the adsorption of PAEs to soil and sediment (Wu et al., 2019). 

Additionally, PAEs exhibit high hydrophobicity, which leads to their strong binding 

affinity to the organic matter in the soil. The air-water partition coefficient (KAW) and 

octanol-air partition coefficient (KOA) increase with increasing alkyl side chain length 

(Cousins et al., 2003; Net et al., 2015). The PAEs with lower molecular are quite volatile, 

but owing to their extremely low KAW values they will volatilize fairly rapidly from the 

pure state but only very slowly from aqueous solution. Furthermore, PAEs with high KOA 

in atmosphere will be appreciably sorbed to aerosol particles, soil and vegetation (Cousins 

et al., 2003). Table 1.1 shows physico-chemical data such as Log KOW, Log KOA, Log 

KAW, and solubility for the most predominant PAEs (Cousins et al., 2003; Tran et al., 

2022b; Kaur et al., 2023). The biological degradation of PAEs is also influenced by their 

structure. PAEs with a cyclic structure, particularly those containing a benzene ring along 

with long branched chains and electron-withdrawing groups tend to be resistant to 

biodegradation. 

 

 

1.2. Main sources of PAEs 

 

 

Anthropogenic activities, including residential, agricultural, and industrial 

processes are the primary sources of PAEs in the environment. Currently, there are 

approximately 60 different congeners of PAEs used in a variety of industries, including 

personal care products (e.g., cosmetics, hair sprays, gels), packaging materials, plastic 

manufacturing, lubricants, insecticides, paint additives, and adhesives (Eichler et al., 

2019). Due to their low volatility, PAEs’ interaction with the atmosphere may be limited. 

When waste is incinerated, PAEs are primarily released into the atmosphere. The primary  
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Table 1.1.  Physical and chemical properties of PAEs (Cousins and Mackay, 2000; Cousins et al., 2003; Gani et al., 2017; Tran et al., 2022b). 
 

 

Properties 

PAEs 

DMP DEP DBP DiBP BBP DEHP DnOP DINP 

Formula C10H10O4 C12H14O4 C16H22O4 C16H22O4 C19H20O4 C24H38O4 C24H38O4 C26H42O4 

Molecular weight 

(g/mol) 

194.18 222.24 278.34 278.34 312.40 390.60 390.60 418.60 

Log KOW 1.64 2.50 4.27 4.27 4.73 7.73 7.73 8.60 

Log KOA 7.01 7.55 8.54 8.54 8.78 10.53 10.53 11.03 

Log KAW -5.40 -5.01 -4.27 -4.27 -4.08 -2.80 -2.80 -2.43 

Vapor pressure 

(mm Hg, 25 ºC) 

9.12 x 10-3 1.67 x 10-3 2.01 x 10-5 4.76 x 10-5 8.25 x 10-6 1.42 x 10-7 1 x 10-7 5.40 x 10-7 

Solubility 

(mg/L, ºC) 

4,000 1,080 11.20 0.01 2.69 0.27 0.02 0.20 

Melting point (ºC) 5.5 -40.5 -35 -64 -35 -55 25 -43 

Boiling point 

(ºC, 760 mm Hg) 

283.7 295 340 296 370 384 220 77.8 

No. of C 

atom/chain 

1 2 4 4 4, 6 8 8 9 

 

 

Structure 
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sources of atmospheric PAEs in urban areas are industrial emissions and vehicle exhaust 

(Gao et al., 2018). Agricultural activities such as irrigation, the use of agricultural film, 

mulching, pesticide and fertilizer, and sewage sludge discharge cause PAE pollution in 

the soil (Cai et al., 2007; Net et al., 2015; Tran et al., 2015; Lü et al., 2018). Residential 

activities can lead to the generation of urban dust, which can contribute to soil 

contamination by deposition. Both dry and wet deposition processes can contribute to the 

contamination of soil with PAEs, especially in highly industrialized areas where PAE 

emissions are more prevalent (Wu et al., 2015). Dry deposition involves the direct settling 

of particulate matter containing PAEs from the atmosphere onto the soil surface, when 

wet deposition occurs when PAEs are carried to the ground by precipitation, such as rain 

or snow. These processes can introduce PAEs into the soil, potentially leading to 

contamination.  

 

 

1.3. PAE toxicity 

 

 

1.3.1. Human toxicity 
 

 

Exposure to PAEs can occur through various pathways, including ingestion, 

inhalation, skin absorption, or contact, and even intravenous injection. It can lead to 

detrimental impacts on human health (Braun et al., 2017; Chang et al., 2021). It is well-

known that PAEs exhibit potent estrogenic effects on the human body. DEHP is the most 

concerning substance as it has been associated with a reduction in male sperm quality and 

testosterone levels (Oishi and Hiraga, 1980; Chang et al., 2021). Additionally, the 

presence of PAEs in soils results in their adsorption on sediment and has an adverse effect 

on human health. Many studies indicated the presence of PAEs in various food products 

and personal care products (Pereira et al., 2019b). Packaged food was found to account 

for most of the human exposure, up to 67% (Das et al., 2014). Plastic materials in food 

packages cause sensitivity to DEHP levels in humans (Tran and Kannan, 2015). 

Exposure to them increases asthma symptoms, allergic respiratory diseases, and 

atopic disorders (Bertelsen et al., 2013; Bornehag et al., 2015). PAEs exhibit endocrine-

disrupting characteristics. They can disrupt the development of the human nervous and 
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immune systems, potentially leading to physiological and psychomotor disorders as well 

as intellectual deficiencies in children (Kim et al., 2018; Radke et al., 2020). They have 

been associated with an increased risk of hypertension, alterations in thyroid hormone 

levels, and metabolic disorders (Zhang et al., 2021). PAEs can also induce alterations in 

liver structure or impair various liver functions (Tang et al., 2019). DEHP and BBP have 

even been classified as carcinogens by the International Agency for Research on Cancer. 

Consequently, several countries have imposed restrictions on the use of individual PAEs 

in certain products (Calafat et al., 2015; Wang et al., 2018). Studies conducted by USEPA 

have revealed that trace amounts of DEHP are highly carcinogenic.  

PAEs may generally be shown to be acutely toxic with fatal dose (LD50) values of 

1-30 g kg-1 bodyweight (Kaur et al., 2023). The potential for human exposure to PAEs 

from different intake routes has been investigated. In the early 1990s, the daily DEHP 

intake levels for the infants in Canada were 9, 19, 14, and 6 µg kg-1 body weight day-1, 

respectively (Meek and Chan, 1994). As for the 2000s, in Germany DEHP intake levels 

in adults in relation to daily food consumption ranged from 1,000-4,200 ng kg-1 body 

weight day-1(Fromme et al., 2007). Similarly, intake levels of DEHP (2,700-4,300 ng kg-

1 body weight day-1), DBP (1,900-4,100 ng kg-1 body weight day-1), and BBP (290-430 

ng kg-1 body weight day-1) were reported in Denmark (Petersen and Breindahl, 2000). 

Children are more likely to be exposed to PAEs than adults. Polymer toys containing 

PAEs have been identified as a significant source of exposure for infants and young 

children due to their mouthing behaviors. As a result of DEHP exposure through toys (via 

sucking or chewing) or other sources, children’s intake levels are estimated to be up to 

85 g kg-1 body weight day-1. 

 

 

1.3.2. Ecological toxicity 

 

 

Public concern regarding the toxicity of PAEs is increasing not only in human trials 

but also in animal testing. PAEs can accumulate in ecosystems over the long-term, 

resulting in exposure to PAEs. Many studies have been conducted to examine the harmful 

effects of PAEs on the environment. Environmental risk limits (ERL) for DBP and DEHP 

in water were 0.19 and 10 g/L, respectively (van Wezel et al., 2000). Weizhen et al. (2020) 
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investigated the risks associated with the levels of PAEs in aquatic organisms in 

sediments and water. They found that the levels of PAEs with long alkyl side chains, such 

as DEHP, DNOP, and DiNP exceeded ERL mainly in the water, while PAEs with short 

alkyl side chains like butyl methyl phthalate (BMP) and DiBP exceeded ERL primarily 

in the sediment. Freshwater and saltwater species of fish, invertebrates, and algae 

frequently suffer from both acute and chronic effects caused by DMP, DEP, and DBP 

(Kaur et al., 2023).  

The presence of PAEs was associated with adverse estrogenic effects on wildlife 

(Tran et al., 2022a). Similarly, soils contaminated with PAEs have serious negative 

effects on soil fauna and flora. Additionally, PAEs in soil can be absorbed by plants and 

accumulate in their tissues. This accumulation is highly likely to adversely affect the 

quality of crops.  

Due to their widespread occurrence and toxicity, several countries, including China, 

Korea, the United States, and the European Union (EU), have imposed restrictions on 

PAEs. According to the USEPA, several PAEs, including DEHP, BBP, DMP, DEP, DBP, 

and DnOP, have been identified as priority hazardous pollutants. In Korea, PAEs (such 

as DBP, BBP, and DEHP) are severely restricted in products marketed to children, and 

the regulations have been broadened to include DiDP, DiNP, and DnOP in medical 

equipment and cosmetics (Lee et al., 2020). Currently, the EU has prohibited the use of 

DBP, BBP, DEHP, DiNP, and DiDP in childcare items and children's toys. Similar 

regulations and guidelines are also implemented in many countries, including Türkiye, 

Greece, Mexico, Sweden, Norway, Sweden, Argentina, Austria, Denmark, Finland, etc. 

(Huang et al., 2018). In the case of DEHP, medical devices represent a significant source 

of exposure for community health. As a result, the use of DEHP tubes has been prohibited 

in hospitals. In the legal regulations implemented by Türkiye as well as other countries, 

PAEs’ use has been limited and the maximum usage limit has been determined as 0.1 % 

by weight of the plasticized materials (Tran et al., 2022a). Tolerable Daily Intake (TDI) 

was determined to be 50g/kg of body weight/day for the PAEs. Additionally, the 

regulation specifies specific migration limits for PAEs, including DEHP with ≤1.5 

mg/kg), DBP with ≤0.3 mg/kg), BBP with ≤30 mg/kg), and DIDP + DINP with 9 mg/kg 

(SGS, 2020; Tran et al., 2022a). The European Food Safety Authority has also 

emphasized that a daily dose of 50 µg/kg.day of PAEs may result in testicular toxicity, 

and the USEPA's reference dose of 20 µg/kg.day is considered to pose a significant health 

risk (Serrano Se Fau-Braun et al., 2014). 
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The World Health Organization (WHO) and the EU have established regulations 

and guidelines for PAE concentrations in drinking water. For instance, the maximum 

allowable DEHP concentration in drinking water has been regulated by the WHO (8 

µg/L), the United States (6 µg/L), New Zealand (10 µg/L), Australia (9 µg/L), and Japan 

(100 µg/L) (WHO, 2011; Yousefi et al., 2019; Tran et al., 2022a). However, there is no 

regulation regarding the presence of PAEs in drinking water in Turkey. Environmental 

quality standards (EQSs) based on yearly average concentrations have been established 

for various PAEs, ranging from 20 µg/L (for DEHP) to 800 µg/L (for DMP) in aquatic 

environments. 

 

 

1.4. Occurrence of PAEs in the environment 

 

 

Due to the fact that PAEs don’t have any chemical bond with plastic matrix, they 

can distribute in environment during manufacturing, employ, treatment and then degrade 

slowly under natural conditions and accumulate in air, freshwater, sediment, soil, 

wastewater and sewage sludge throughout world over time (Pirsaheb et al., 2009; Rodgers 

et al., 2014; Wei et al., 2016; Gani et al., 2017; Yang et al., 2018). The concentration of               

various congeners of PAEs in many environmental compartments is shown in Table 1.2. 

 

 

1.5. Removal of PAEs in the environment 

 

 

PAEs scarcely undergo natural environmental degradation due to their highly 

recalcitrant nature. The removal of PAEs in the environment has been a key research 

focus. The removal of PAEs from the environment can be accomplished through a variety 

of abiotic methods such as physical, chemical, advanced oxidation processes, and a 

combination of these. However, these techniques have several drawbacks, including the 

creation of secondary sludge, high process cost, and severe operating conditions. 

Removal and degradation of PAEs by abiotic processes (non-biological) such as 

hydrolysis and photodecomposition has been reported to be slow and insignificant 
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(Pirsaheb and Zinatizadeh, 2009; Huang et al., 2013; Ahmadi et al., 2015). For instance, 

the half-life of BBP was more than 100 days with aqueous photolysis and the half-lives 

of DMP and DEHP with hydrolysis at neutral pH were approximately 3 and 2,000 years, 

respectively (Staples et al., 1997; Gao et al., 2016). Biodegradation is more advantageous 

for PAEs’ degradation when compared to physicochemical methods. It is a fast, 

promising, cost-effective, and environmentally friendly method that results in innocuous 

end products (Pirsaheb and Zinatizadeh, 2009; Huang et al., 2013; Ahmadi et al., 2015). 

As a result of the extensive plastic waste disposed of in landfills, water bodies, and various 

environmental areas, many new microorganisms have evolved to survive in the presence 

of PAEs in the contaminated environment. These microorganisms can carry out either the 

complete or partial degradation process on their own or as part of a consortium (Benjamin 

et al., 2015; Tang et al., 2020). As shown in Figure 1.1, the biodegradation of PAEs 

involves two basic mechanisms: (i) transforming PAEs to phthalic acid (PA) (upstream 

steps) and (ii) utilization of PA (downstream steps). The upstream steps draw the attention 

of researchers since they are crucial to the breakdown of PAEs. The upstream steps 

involve two different types of reactions: (1) Shortening of side chains. This step involves 

converting phthalate diesters (PDEs) into phthalate monoesters (PMEs). Examples are the 

conversion of DBP to DEP (β-oxidation) or the transesterification of DEP into ethyl 

methyl phthalate and the conversion of DEP into DMP (demethylation) (Amir et al., 

2005). Decreasing the size of side chains towards smaller ones reduces the steric effect 

of longer chains. The latter one is (2) hydrolysis of ester bond which PME converts to 

PA. This is the common step for aerobic and anaerobic degradation of PAEs. PA is an 

intermediate product in the degradation of PAEs. In downstream steps, PA could be 

further used through ring-cleavage reactions and the metabolic pathways of PA differ 

under anaerobic and aerobic process conditions (Ren et al., 2018). In aerobic degradation, 

PA is converted to protocatechuate. The conversion processes vary among different 

strains in the presence of 4,5-dihydroxyphthalate or 3-4-dihydroxyphthalate. The ring-

cleavage of protocatechuate was mediated by intradiol ring-cleavage dioxygenases or 

extradiol ring-cleavage dioxygenases, resulting in the production of 3-carboxymuconic 

acid or 4-carboxyl-2-hydroxymuconic semialdehyde, respectively. 3-carboxymuconic 

acid was transformed into β-ketoadipate and subsequently entered the β-ketoadipate 

pathway. 4-carboxy-2-hydroxymuconic semialdehyde was metabolized into oxaloacetate 

and pyruvate. As for anaerobic degradation, PA is first converted into benzoic acid by the 

decarboxylation process and then to adipic acid by β-oxidation (Kaur et al., 2023). Within 
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Table 1.2. Concentration of PAEs in different media. 

 
Media/ Location Unit DMP DEP DBP DEHP Reference 

Soil 

 

Brickearth, 

   UK 

 

Urban area, 

 China 

 

Suburban area, 

 China 

 

 

 

 

µg/kg 

 

 

 

0.10 

 

 

0.07-31.58 

 

 

2-101 

 

 

0.20-0.90 

 

 

0.07-100 

 

 

2-114 

 

 

7.90-8 

 

 

0.15-2583.5 

 

 

7-185 

 

 

22.2-75.8 

 

 

0.15-1350.2 

 

 

26-4170 

 

 

Gibson et. al., 2005 

 

Xia et al., 2011 

 

Kong et al., 2012 

Sewage Sludge 

        

STP 

Finland 

 

WWTP, 

Taiwan 

 

WWTP, 

       Türkiye 

 

 

 

mg/kg 

dry 

weight 

 

 

 

- 

 

 

- 

 

 

1.4-2.7 

 

 

- 

 

 

- 

 

 

1.1-2.8 

 

 

- 

 

 

718 

 

 

0.6-6.2 

 

 

180 

 

 

41 

 

 

18-490 

 

Marttinen et al., 

2003 

 

 

Ma and Lin, 2011 

 

Cifci et al., 2013 

Sediment 

    

   River, 

    South Africa 

 

  Lakes, 

  China 

 

 

 

mg/kg 

 

 

0.22-12.8 

 

 

21.50-133 

 

 

 

2.48-44.8 

 

 

2.4-20 

 

 

57.1 

 

 

10.2-1114 

 

 

3660 

 

 

83.5-5775 

 

 

Sibali et al., 2013 

 

Zheng et al., 2014 

Freshwater 

    

Marina, 

 Canada 

 

 River, 

    South Africa 

 

   River, 

         France 

 

 

 

 

 

µg/L 

 

 

0.002-0.005 

 

 

0.01-0.1 

 

 

0.04-0.56 

 

 

 

0.05-0.35 

 

 

0.05-0.21 

 

 

0.08-0.39 

 

 

0.05-0.244 

 

 

0.21-0.53 

 

 

0.79-3.65 

 

 

0.17-0.44 

 

 

0.32-0.78 

 

 

0.49-5.58 

 

 

Mackintash et 

al.,2006 

 

Teil et al., 2007 

 

Sibali et al., 2013 

Drinking Water 

 

Various cities, 

USA 

 

        Well, 

        USA 

 

Supplies 

   USA 

 

 

 

 

µg/L 

 

 

- 

 

 

- 

 

 

- 

 

 

- 

 

 

4.6 

 

 

- 

 

 

- 

 

 

- 

 

 

0.1-470 

 

 

86 

 

 

- 

 

 

- 

 

 

 

 

Wypych, 2004 

Air 

          

River, 

 Canada 

 

Apartment, 

Kindergarten, 

Germany 

 

Urban Area, 

France 

 

Urban Center, 

China 

 

 

 

 

 

 

ng/m3 

 

 

 

- 

 

 

- 

 

 

 

0.5 

 

 

10.1 

 

 

3.8-6.6 

 

- 

 

 

 

10.7 

 

 

3.4 

 

 

4.5-8 

 

 

1083-1183 

 

 

 

- 

 

 

58.8 

 

 

156-458 

 

 

 

 

 

 

18.9 

 

 

20.3 

 

 

Hoff and Chan, 

1987 

 

Fromme et al., 2004 

 

 

Teil et al., 2006 

 

Wang et al., 2008 
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this process, several intermediates were detected, including 1-cyclohexene-1-carboxylic 

acid and 2-hydroxycyclohexanecarboxylic acid (Ren et al., 2018). 

In numerous studies, biodegradation of PAEs have been investigated under aerobic 

or anaerobic conditions in various environmental media such as water (Fang et al., 2017; 

Huang et al., 2020), soil (Chao and Cheng, 2007; Fan et al., 2018; Bai et al., 2020), sludge 

(Zeng et al., 2004; Chang et al., 2007), sediment (Chang et al., 2005), landfill (Boonyaroj 

et al., 2012), etc. Different bacterial strains have been isolated in the environment to 

conduct the degradation studies of PAEs. Some of these bacterial strains are 

Achromobacter sp. (Jin et al., 2015), Acinetobacter sp. (Fang et al., 2017) Pseudomonas 

sp. (Feng et al., 2002; Xu et al., 2008), Bacillus sp. (Quan et al. 2005; Huang et., 2019), 

Sphingomonas sp. (Chang et al., 2004), Arthrobacter sp. (Vega and Bastide, 2003; 

Chatterjee and Dutta, 2008), Rhodococcus (Nalli et al., 2006), Variovorax sp. (Prasad and 

Suresh, 2012). They use PAEs as food and energy sources. Biodegradation studies on 

PAE comprise not only the use of bacterial strain but also that of hydrolase enzymes 

secreted by these bacterial strains. Numerous studies have demonstrated that esterase is 

responsible for PAEs’ degradation (Hernandez-Sanchez et al., 2019). In particular, the 

involvement of esterase as a key enzyme in PAEs’ biodegradation has been reported. The 

esterase enzymes from Bacillus sp. (Niazi et al., 2001), Delftia sp. TBKNP-05 (Patil et 

al., 2006), Sphingobium sp. SM42 (Sungkeeree et al., 2016), Acinetobacter sp. (Fang et 

al., 2017), Bacillus megaterium (Feng et al., 2018), Bacillus subtilis (Balci et al., 2023) 

have high PAEs degradation efficiency.  

The enzymes, highly versatile natural catalysts with high selectivity and activity, 

reduce the number of reaction steps, cannot be modified due to their interaction with the 

environment and can be used repeatedly. Enzymes are environment friendly as they are 

not a pollutant in the products formed at the end of the reaction, and lowering cost in the 

applications where it is used (Zhai et al., 2010; Datta et al., 2013; Pandey et al., 2017; 

Cinar et al., 2017; Zdarta et al., 2018). Therefore, they exhibit great potential in many 

environmental applications as well as industries ranging from food to drug (Zhai et al., 

2010; Datta et al., 2013; Zdarta et al., 2018). However, enzyme applications are hampered 

by the fact that generally enzymes are relatively unstable, have a short catalytic lifetime, 

difficulties in recovery from the reaction mixture after use (Katchalski-Katzir et al., 1971; 

Nasliyan, 2012). These issues are being solved by enzyme immobilization (Zhai et al., 

2010; Nasliyan, 2012; Brena et al., 2013). With immobilization, enzymes are physically 

or chemically bound to an insoluble matrix in the reaction and can be easily removed 
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from the medium at the end of the reaction (Zaborsky, 1973; Worsfold, 1995; Cinar et 

al., 2017). 

 

 

(a) 

 

 

(b) 

 

 

(c) 

Figure 1.1. (a) Primary metabolic pathway of PAEs to PA. (b)Aerobic 

metabolic pathway of PA. (c) Anaerobic metabolic pathway of 

PA. 

 

 

Immobilization increases the stability and half-life of the enzyme and maintains 

activity of the enzyme with increasing its resistance to changing environmental conditions 

such as pH and temperature. Furthermore, immobilization may increase the efficiency in 

many applications as it allows enzymes to be reused in the catalytic cycle (Nasliyan, 2012; 

Cinar et al., 2017; Zdarta et al., 2018). However, this efficiency depends on pH, technique 
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and duration of immobilization, surface curvature, and surface modification of support 

material (Guzik et al., 2014). 

 

 

1.6. Immobilization 

 

 

Generally, immobilization methods are classified under two main headings: 

physical and chemical methods. Physical methods include adsorption, encapsulation, and 

entrapment. Chemical methods include cross-linking, covalent and ionic binding (Twaig 

et al., 2017; Zdarta et al., 2018). Each of these methods has advantages and disadvantages 

in many applications (Nasliyan, 2012; Fernandez et al., 2013) It is especially important 

to protect the enzyme’s active region and to know the enzyme’s structure in the 

immobilization. Enzyme retention, enzyme stability, and cost of regeneration are very 

important factors in the selection of immobilization method. For instance, adsorption 

which is one of the simplest and economical method and no need of chemical use. Also, 

supports can be reused after their regeneration, in the case of inactivation of immobilized 

enzyme. Retention and stability of enzyme is high and enzyme leakage is low in the cross-

linking method. Due to their mentioned properties, these two methods are particularly 

useful and preferable for immobilization compared to other methods (Nunes and Marty, 

2006; Nasliyan, 2012). In immobilization, the choice of support material is very 

important. Distinctive immobilization method for each enzyme as well as universally 

defined support materials are not available. In the selection of the support material, the 

surface area and the particle size of the support, its hydrophobicity and hydrophilicity, its 

chemical, mechanical and thermal stability, its resistance to microbial attacks, and its 

economic value are crucial factors (Worsfold, 1995; Jesionowski et al., 2014). Support 

materials used for immobilization can be classified as organic and inorganic according to 

their chemical compositions (Brena et al., 2006; Nasliyan, 2012). Inorganic materials 

have high stability, resistance to microbial degradation and organic solvent and ease of 

reusability compared to organic materials (Zhai et al., 2010). Among these materials, 

natural minerals such as hydrotalcites, zeolites, and nanotubes (NT) are the most widely 

used support materials in immobilization. The zeolite and hydrotalcites are suitable for 

loading certain specific enzymes due to their pore diameters and surface areas being 
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limited. The access of large molecules to the microporous surface of the zeolite having a 

pore diameter in the range of 0.5 and 1.1 nm is limited. Despite these advantages of 

zeolites and other natural materials, nanotubes appear to be very attractive for enzyme 

immobilization due to their large pore diameter (especially in the adsorption method) 

(Zhai et al., 2010). Halloysite nanotubes (HNTs), are inorganic natural clay minerals with 

a large surface area, consist of two-layer aluminosilicates and has a length of between 

400 and 1000 nm. They have negative outer surface containing silicon dioxide (SiO2) 

with outer diameter between 50 and 70 nm, and positive inner surface containing 

aluminum hydroxide (AlOH3) with a lumen diameter ranging between 15 and 20 nm (Tari 

et al., 1999; Chao et al., 2013). Maintaining of the counter-charged surfaces of HNTs 

between pH 3 and 10 constitutes a selectivity for the immobilization of the charged 

molecule (Kamble et al., 2012, Shutava et al., 2014). HNTs have a non-toxic, porous, and 

biocompatible structure compared to zeolite and other natural materials, and they are 

suitable materials since they are cheaper and easier to find than carbon nanotubes 

(Kamble et al., 2012, Yeniova-Erpek et al., 2015). Based on the mentioned information, 

HNTs have been selected support materials for immobilization of the enzyme in this 

study. 

 

 

1.7. Research Objectives 

 

 

PAEs are well-known for polluting the environment and their detrimental effects 

on the endocrine systems of both humans and animals. The main objective of this thesis 

is to investigate the degradation of two PAE congeners (DBP and DEHP) by obtaining 

an esterase enzyme from a thermophilic bacterium isolated from Balçova Geothermal 

Region in İzmir, Türkiye. To achieve the research objective, the following actions were 

taken: 

• Expressing and purifying of esterase from E.coli strains that have esterase-

producing gene of Geobacillus sp. 

• Using the obtained recombinant esterase to degrade DBP and DEHP in water 

and soil. 
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• Comparing the PAE degradation abilities of commercial esterase/lipase obtained 

from various microorganisms with those of the recombinant enzyme. 

• Overcoming the problem of short enzyme catalytic lifetime and low stability 

under changing environmental conditions, including pH and temperature 

fluctuations in the applications, through enzyme immobilization with adsorption 

and crosslinking method. 

 

 

1.8. Thesis Overview 

 

 

Each chapter of this thesis was written in article format and was described in detail 

below: 

a. Chapter 2: DBP-degrading abilities of lipase and esterase enzymes from various 

microorganisms were reported. The enzyme exhibiting the highest degradation 

performance was identified. By determining the optimal conditions, 

immobilization of this enzyme was carried out a natural support material called 

HNTs. Immobilization efficiency and DBP degradation performance of the 

immobilized enzyme were then evaluated. 

 

b. Chapter 3: A novel bionanocomposite consisting of Rhizomucor miehei lipase 

immobilized on HNTs for the degradation treatment of specific PAE congeners 

(DBP and DEHP) was produced. After the enzyme immobilization, the changes 

in the secondary structure of the enzyme were clarified by using Circular 

Dichroism (CD) analysis. 

 

c. Chapter 4: To develop an environmentally friendly method for DBP and DEHP 

degradation, two bionanocomposites were prepared by immobilizing Bacillus 

subtilis esterase to HNTs supported with chitosan and alginate beads by the 

cross-linking method. Two fixed bed reactors filled with both 

bionanocomposites were operated in batch and continuous modes to degrade 

PAEs.  
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d. Chapter 5: The recombinant esterase enzyme from Geobacillus sp. isolated from 

Izmir Balçova Geothermal area was expressed and purified to be used in the 

PAEs degradation study. DBP and DEHP degradation ability of the recombinant 

esterase was investigated. 

 

e. Chapter 6: Soil samples with different characteristic features were collected from 

the Urla district in Izmir to investigate the presence of DBP and DEHP in the 

soils. DBP and DEHP degrading performance of recombinant esterase and 

Bacillus subtilis esterase in soil was evaluated. 

 

 

1.9.  Significance and Impact 

 

 

The development of environmentally friendly alternatives to eliminate PAEs 

pollution is of great importance. Enzymatic degradation is vital in eliminating PAEs from 

contaminated sites, providing benefits such as high efficiency, cost-effectiveness, and 

environmental safety. It is known that hydrolase enzymes have a major role in initiating 

the first step of breaking down the ester bond of PAEs. In this thesis, commercial and 

recombinant esterase enzymes were examined in free and immobilized forms. Their 

congener-specific behavior, enzyme dynamics, and ability to degrade short- and long-

chain PAEs in water and soil were investigated. The findings of this study could provide 

a fundamental framework for utilizing immobilized enzymes on HNTs across various 

environmental compartments to facilitate the degradation of PAEs. Moreover, it opens up 

opportunities for diverse applications of immobilized enzymes, including environmental 

treatment, food, pharmaceutical, industrial sectors, and so on. 
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CHAPTER 2 
 

 

IMMOBILIZATION OF ESTERASE FROM BACILLUS 

SUBTILIS ON HALLOYSITE NANOTUBES AND 

APPLICATIONS ON DIBUTYL PHTHALATE 

DEGRADATION 

 

 

2.1. Introduction 

 

 

Over the past few decades, the number of synthetic chemicals found in 

pharmaceutical and manufacturing additives as well as metal, personal and household 

care products has increased to supply the needs of modern society. The production 

volume of phthalic acid esters (PAEs) is over 8 million metric tons per year in the world 

(Seyoum and Pradhan, 2019; Balci et al., 2022). PAEs are ubiquitous and recalcitrant 

compounds that can be released into the environment during their manufacturing and use. 

Thus, they are degraded slowly under natural conditions and accumulate in the air, surface 

water, wastewater, sediment, and soil over time (Scholz et al., 1997; Pirsaheb and 

Zinatizadeh, 2009; Kong et al., 2018; Baloyi et al., 2021). Most PAEs can easily migrate 

to various water bodies and then enter a variety of aquatic organisms (Cao et al., 2018; 

Huang et al., 2021) and being accumulated in the food chain and cause health problems 

such as chronic health effects, cancer risks, and endocrine disruption. Additionally, they 

have significant adverse impacts on mammalian reproduction, development, and the 

nervous system (Wang et al., 2023). Among the various types of PAEs, dimethyl 

phthalate (DMP), diethyl phthalate (DEP), dibutyl phthalate (DBP), butyl benzyl 

phthalate (BBP), di-n-octyl phthalate (DnOP), diethylhexyl phthalate (DEHP) have been 

categorized as priority pollutants by The United States Environmental Protection Agency 

This chapter has been published as: 

Balci, E., Rosales, E., Pazos, M., Sofuoglu, A., Sanroman, M.A. 2023. Immobilization of esterase 

from Bacillus subtilis on Halloysite nanotubes and applications on dibutyl phthalate degradation. 

Environmental Technology & Innovation, 30, 103113. 
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(USEPA) and its counterparts in European Union countries. 

Different available methods include photolysis and hydrolysis; however, 

biodegradation is considered safer, cleaner, and more environmentally friendly. Recently, 

there has been a significant increase in the use of enzymes in various industries such as 

biomedicine, food, and energy. The enzymes have a vital role in protecting the 

environment (Moreira et al., 2020; Bilal et al., 2022). Hydrolase enzymes such as esterase 

and lipase are highly effective on the ester bonds in the structure of PAEs (Sharma et al., 

2019). There are several studies demonstrating that esterase from Bacillus sp. and lipase 

from Candida cylindricea, Pseudomonas sp. V21b and Comamonas sp. 51F exhibit the 

ability to degrade PAEs (Tanaka et al., 2000; Ding et al., 2015; Sungkeeree et al., 2017; 

Kumar et al., 2017). However, enzymes are relatively unstable losing their structural 

stability for the duration of any reaction and, thus, having a short catalytic lifetime (Brena 

et al., 2013; Sharma et al., 2021; Souza et al., 2022). The generation of a composite by 

immobilization of the enzyme enhances the kinetic and biochemical properties of 

enzymes enabling enzyme recycling and reuse and reducing its inhibition (Zhai et al., 

2010; Monteiro et al., 2019; Cavalcante et al., 2021; Bilal et al., 2022). Adsorption is one 

of the simplest and most economical immobilization methods not requiring the use of 

chemicals and the generated composite can be reused multiple times (Sassolas et al., 

2012). The choice of adequate support material is crucial, and several alternatives have 

been proposed in the literature, including the most expensive activated carbon and 

nanoparticles or cheaper natural minerals (Kamble et al., 2012; Yeniova-Erpek et al., 

2015). Among the natural minerals with high abundance (zeolite, hydrotalcite, or 

nanotubes), only zeolite and hydrotalcite are suitable for loading certain specific enzymes 

due to their limited pore diameters and surface areas. Materials with nano-scale structures 

can greatly enhance the active surface available for enzyme adsorption (Zhao et al., 2017). 

Halloysite nanotubes (HNTs) have a non-toxic, porous, and biocompatible structure being 

suitable materials for the composite. In comparison with other nano-scale materials, they 

are easily obtainable and much more cost-effective than carbon nanotubes (CNTs) (Zhai 

et al., 2010). Besides, materials with HNTs have high mechanical strength compared to 

those with kaolinites (Gass et al., 2015). HNTs are inorganic natural clay minerals with a 

large surface area consisting of two-layer aluminosilicates and have a length of between 

400 and 1,000 nm. They have a negative outer surface containing silicon dioxide (SiO2) 

with an outer diameter between 50 and 100 nm, and a positive inner surface of aluminum 

hydroxide (AlOH3) with a lumen diameter ranging between 15 and 20 nm (Tari et al., 
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1999; Yeniova-Erpek et al., 2015). The maintenance of the counter-charged surfaces of 

HNTs between pH 3 and 10 constitutes a selectivity for the immobilization of the charged 

molecule (Kamble et al., 2012). Besides, the most obvious difference between HNTs and 

other aluminosilicate minerals is that HNTs have a unique nanotubular structure and 

biocompatibility (Ferrari et al., 2017). Due to all these properties, HNTs appear to be a 

very attractive matrix for the immobilization of various molecules such as drugs, 

antiseptics, corrosion inhibitors, and proteins (Abdullayev et al., 2009; Patel et al., 2016; 

Tully et al., 2016; Rao et al., 2018). Immobilization on HNTs improves enzyme stability, 

activity, selectivity, and specificity, and prevents enzyme inhibition, thus making 

enzymes reusable in continuous reactors. 

Central composite design (CCD) is a statistical experimental design technique used 

to optimize and model a response variable, typically in the context of engineering, 

chemistry, or other scientific fields. It enables the investigation of the covariance of 

variables (independent factors) to achieve the optimal response (dependent factor) with a 

minimal number of experiments (Monteiro et al., 2019). In this context, CCD of the 

response surface methodology (RSM) was applied to determine the optimum values of 

process variables for the immobilization of the enzyme to HNTs in this study. 

So far, a few studies have focused on the degradation of PAEs in the presence of a 

hydrolase enzyme in the literature. However, there are no studies on the immobilization 

of a hydrolase enzyme obtained from bacteria on HNTs and its subsequent use in the 

degradation of PAEs. In this sense, the study may form the basis for the use of the 

immobilized enzyme to HNTs in various environmental compartments for the 

degradation of PAEs. Furthermore, the potential uses of the immobilized enzyme 

(environmental treatment, food, pharmaceutical, industrial sectors, etc.) may expand. 

In the present study, firstly, the ability of commercial lipase and esterase enzymes 

to degrade DBP, which is one of the most widely used and produced PAEs, was 

investigated. The enzyme exhibiting the highest DBP degrading ability was immobilized 

onto HNTs generating a composite. Then, the optimal conditions for the immobilization 

were determined by CCD. Next, the biocompatibility between the enzyme and HNTs in 

the composite was investigated and used to treat DBP. Finally, the generation of DBP 

metabolites and the reuse of the composite were investigated.  
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2.2. Material and Method 

 

 

2.2.1. Materials 

 

 

Pure halloysite (HNT) powder was provided by Esan, Eczacibasi Industrial Raw 

Materials Company (Istanbul, Turkey). Esterase enzymes (esterase from Bacillus subtilis 

(EC 3.1.1.1; ≥10 U/mg) and Bacillus stearothermophilus (EC 3.1.1.1; ≥0.2 U/mg)) were 

obtained from Sigma-Aldrich and lipase enzymes (lipozyme CALB from Candida 

Antarctica B. (EC 3.1.1.3; 5,000 LU/g), lipozyme TL 100 L from Thermomyces 

lanuginosus (EC 3.1.1.3; 100 KLU/g), and palatase 20,000 L from Rhizomucor miehei 

(EC 3.1.1.3; 20,000 LU/g)) were purchased from Novozymes (Denmark). Bovine serum 

albumin (BSA, >99%), DBP (99%), Methanol (99.8% ACS reagent), Tween-80 and p-

nitrophenyl acetate (pNPC-2, esterase substrate >98%) were purchased from Sigma-

Aldrich. Other chemicals were of laboratory reagent grade and used without any further 

purification. 

 

 

2.2.2. DBP degradation in the presence of free enzymes 

 

 

To investigate the DBP degrading ability of free enzymes, a DBP solution (1,000 

mg/L) was prepared in methanol. To increase the solubility of DBP in the solution, 

Tween-80 was used as a solubilizing agent. The reaction mixture (1 mL) consisted of 0.1 

mL of the free enzyme (1 mg/mL), 0.1 mL of 1,000 mg/L DBP in methanol, 0.1 mL of 

Tween-80 (1%, v/v), and 0.7 mL of phosphate buffer (0.1 M, pH 7). The reaction mixture 

was incubated for 15 min under optimum conditions determined by the manufacturers. 

After incubation of the reaction mixtures for an interval of a specific time, the samples 

were collected. 1 N HCl was added to the collected samples at a rate of 10% (v/v) to stop 

the enzymatic reaction (Saito et al., 2010). All samples were filtered through a 0.22 µm 

PTFE syringe filter to remove particles prior to HPLC analysis. 
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2.2.3. Enzyme immobilization on HNT and optimization 

 

 

2.2.3.1. HNT-enzyme composite 

 

 

The enzyme immobilization by adsorption was conducted with minor modifications 

to the study of Wang et al. (2015a). Firstly, an enzymatic solution (1 mg/mL) in which 

the selected enzyme was dissolved in sodium phosphate buffer (0.1 M, pH 7) and stirred 

well was prepared. Next, 1 mL of this solution was added to the HNTs with an 

Enzyme/HNTs (E/H) ratio of 0.2. The obtained suspensions were vortexed for 5 min and 

stirred at 150 rpm in an incubator shaker for 195 min. Then, the Enzyme-HNTs were 

sonicated for 30 min to eliminate the agglomeration of HNTs. They were centrifuged at 

8,000 rpm for 10 min. The supernatant phase was collected and then the HNT pellets with 

enzyme were washed twice with the buffer (1 mL) to remove excess protein/unbounded 

enzyme. Following this, the supernatant and washing solutions were stored at 4 ◦C for the 

activity measurement and determination of protein concentration.  

 

 

2.2.3.2. Optimization of the parameters for the immobilization 

procedure 

 

 

The optimization of the parameters affecting the enzyme immobilization was 

carried out using the RSM and more specifically, a central composite design face-centered 

(CCDFC) was selected for this purpose. This design was developed using the Design-

Expert software 8.00 (Stat-Ease Inc., Minneapolis, USA) to explore the impact of the 

selected independent variables on the immobilization process (pH, adsorption time, E/H 

ratio, and temperature). These variables were labeled as X1, X2, X3, and X4, respectively. 

The adsorption efficiency (%) and the specific enzyme activity (U/mg) were taken as 

responses Y1 and Y2, respectively. A CCDFC design 24 (2-levels-4 factors) was used to 

determine the optimum conditions of the variables considering the following ranges: pH 

(5–7), adsorption time (30–360 min), E/H ratio (0.02–0.2 mg enzyme/mg HNT), and 
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temperature (20–40 ◦C). In the CCDFC, the number of experimental tests (N=30) was 

calculated using Eq. (2.1) with 2n factorial runs, n axial runs, and nC central points. 

 

 

N = 2n + 2n + nC       (2.1) 

 

 

The statistical analysis of the model was carried out using analysis of variance 

(ANOVA) with Design Expert® 8.0.0 software. This analysis included the Fisher’s F test 

(overall model significance), its associated probability values, and the coefficient of 

determination R2 which measures the goodness of fit of the regression model (Rosales et 

al., 2012). The responses were expressed using a quadratic polynomial regression model 

to describe the correlation between responses and independent variables. The model Eq. 

(2.2) is as follows: 

 

 

Y = β0 + ∑ βi
n
i=1 Xi + ∑ βii

n
i=1 Xi

2 + ∑ ∑ βij
n
j=1

n
i=1 XiXj + Ԑ                            (2.2) 

 

 

where Y represents the response of dependent variables; Xi and Xj are the 

independent variables; β0, βi, βii, and βij are the mathematical model constants, the 

linearity coefficient of i factor, the quadratic coefficient of i factor, and the interaction 

coefficient between factors (i and j), respectively; ε is an experimental uncertainty (error) 

that indicates the various sources variability. 

 

 

2.2.4. Characterization analysis 

 

 

Before and after the adsorption experiments, numerous analyses were conducted to 

determine both the structure and the structural changes in raw HNTs and HNT-enzyme 

composite. Before the characterization analysis, raw HNTs and HNT-enzyme composite 
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were dried in a vacuum oven at 100 ºC and 45 ºC, respectively to eliminate their moisture 

content.  

 

 

2.2.4.1. Structural characterization of the composite  

 

 

The microstructure of HNTs was examined using an FEI QUANTA 250 FEG 

scanning electron microscopy (SEM) instrument-equipped secondary detector. To 

observe detailed surface characteristics of HNTs and HNT-enzyme composite, the 

analysis of transmission electron microscopy (TEM) was performed on MICRO JEOL 

JEM 1010 at 200 kV (Service of Electronic Microscopy, C.A.C.T.I., University of Vigo, 

Vigo, Spain). To determine the crystal structure of the HNTs, x-ray diffraction analysis 

(XRD) was carried out at 2Ꝋ=3-80° using the Philips Xpert Pro XRD analyzer at a 

scanning rate of 0.02º/min. 

 

 

2.2.4.2. Nanotextural and chemical characterization of the composite 

 

 

The nanotextural and chemical characterization was performed by Brunner-Emmet-

Teller (BET) analysis, Fourier transform infrared spectroscopy (FT-IR), and 

thermogravimetric analysis (TGA). BET was performed using Mikromeritics TriStar II 

Plus 3.00 to determine the surface area and micropore size distribution of HNTs and 

HNT-enzyme composite. FT-IR analysis was done using JASCO FT-IR 4100 (Jasco Inc., 

Easton, MD, USA) equipped with an attenuated total reflectance (ATR) accessory to 

examine functional groups in HNTs and HNT-enzyme composite between 4000 and 400 

cm-1. The samples were mixed with potassium bromide and pelletized. TGA was carried 

out using a Seteram thermogravimetric analyzer with a temperature range that started at 

room temperature and ended at 800ºC at a heating rate of 10ºC/min under 20 mL/min N2 

atmosphere to record the weight change and to indicate the thermal stability and heat 

resistance of the HNTs and HNT-enzyme composite. 
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2.2.5. Degradation studies in presence of the HNT-enzyme composite  

 

 

In degradation experiments conducted using immobilized enzyme, HNT-enzyme 

composite (5 mg) was taken in a glass tube. Then, the reaction mixture containing 0.1 mL 

of DBP (1,000 mg/L), 0.1 mL Tween-80 (1%, v/v) solution, and 0.8 mL of phosphate 

buffer (0.1 M, pH 7) was added to the glass tube. During 1h-periods, the samples were 

put into an incubator shaker to degrade 100 mg/L DBP. At the end of each cycle 

consisting of 1h-periods, the samples were collected. They were vortexed for 30 seconds 

and centrifuged at 5,000 rpm for 10 min. After centrifugation, the supernatant phase was 

collected, and 1 N HCl was added to the supernatant at a rate of 10% (v/v) to stop the 

enzymatic reaction. Then, the supernatant was filtered through a 0.22 µm PTFE syringe 

filter to remove particulate material from the samples. It was stored at 4ºC for further 

analysis. At the end of each cycle, the pellet phase with the enzyme was fed with the 

reaction mixture. The relative activity was calculated after each catalytic cycle according 

to equation (2.3). The first measured activity of the immobilized enzyme was assumed to 

be 100% (He et al., 2015).  

 

 

Relative activity (%) =
Activity at the end of nth cycle

Activity at the end of 1st cycle
 x100                                          (2.3) 

 

 

2.2.6. Analytical procedures 

 

 

2.2.6.1. Determination of the enzyme activity and protein concentration 

 

 

The enzyme activity was determined by hydrolysis of pNPC-2 according to Tekedar 

and Sanli-Mohamed (2011). The assay mixture (1 mL) consisted of 0.8 mL phosphate 

buffer (0.1 M, pH 7), 0.1 mL of 0.5 mM pNPC-2 dissolved in acetonitrile, and 0.1 mL of 

enzyme solution (1 mg/mL). This solution was incubated at optimum temperature for 5 

min and then used to determine the catalytic activity. The absorbance was 
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spectrophotometrically measured at 400 nm. After the measurement of the absorbance, 

the activity calculation will be made according to the following equation (2.4). 

 

 

Enzyme activity (U/L) =
(Absorbance at 400 nm/ min)·(Vt)·(DF)

(Ԑ)·(Ve)·(d)
                                      (2.4) 

 

 

where Vt: Test volume (mL), DF: Dilution factor, Ɛ: molar extinction coefficient of                       

4-nitrophenol at 400 nm, Ve: Volume of enzyme used (mL), d: Lightpath (1 cm).  

One unit (U) of activity is defined as the amount of enzyme releasing 1.0 µmol of                            

4-nitrophenol per minute at pH 7, optimum temperature, and using pNPC-2 as a substrate. 

The molar extinction coefficient of 4-nitrophenol in the buffer system is                                        

17,215 M-1.cm-1. 

The protein concentration of the initial enzyme solution, supernatant, and washing 

solution was determined according to Bradford Method (Bradford, 1976). The amount of 

adsorbed enzyme was calculated based on a mass balance. Adsorption efficiency ((Ads. 

ef. (%)) and enzyme loading amount (Load. Amt. (mg/mg)) were calculated based on the 

quantity of unadsorbed protein according to the following equations (2.5-2.6): 

 

 

Ads. ef. =
 protein amount−(protein amount in the supernatant+ washing solution)

Initial protein amount
x100         (2.5) 

                   

 

Load. amt. =
Initial protein amount−(protein amount in the supernatant+ washing solution)

mass of HNT
   (2.6)     

 

      

2.2.6.2. Enzyme stability and reusability tests 

 

 

Enzyme stabilization is a key objective of enzyme immobilization, as it enables the 

preservation of enzyme activity against changing conditions and allows for enzyme reuse 

in multiple reaction cycles (Cruz-Ortiz et al., 2011).  
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To perform the thermal stability tests, free esterase and HNT-enzyme composite 

were incubated in phosphate buffer (0.1 M, pH=7) at various temperatures ranging from 

20 to 70ºC. Following incubation, the samples were collected. After cooling, the activity 

was measured in the presence of 0.5 mM pNPC-2 substrate.  

For the storage stability tests, both free esterase and the HNT-enzyme composite 

were stored for 7 days. Aliquots were taken for a predetermined period of time to measure 

the enzyme activity using 0.5 mM pNPC-2 substrate. 

The enzyme activity of the HNT-enzyme composite was measured to determine the 

reusability of the composite. The same sample was used repeatedly for 7 cycles of enzyme 

catalysis. In each cycle, the sample was incubated with 0.5 mM pNPC-2 dissolved in 

acetonitrile for 5 min at 30ºC. After incubation, the supernatant was separated to measure 

the enzyme activity. The difference between the enzyme activity of the sample before 

incubation and that of the supernatant after incubation was calculated for each cycle. The 

remaining activity was expressed as relative activity (%). 

 

 

2.2.6.3. Determination of kinetic parameters 

 

 

The kinetic parameters, including Vmax and Km, of both free esterase and HNT-

enzyme composite, were determined by measuring enzyme activity at various 

concentrations of pNPC-2 (0-50 mg/L). The Lineweaver-Burk plots were used to estimate 

the kinetic parameters. 

 

 

2.2.6.4. Analysis of DBP and its metabolites 

 

 

DBP concentrations were determined under a reversed-phase using an Agilent 1260 

Infinity series HPLC-DAD equipped with a column ZORBAX Eclipse XDB C-8 column 

(5 µm particle size, 150 mm x 4.6 mm i.d.). The mobile phase consisting of 

acetonitrile:water (60:40, v/v) was used at a flow rate of 1 mL/min. For each injection, 
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the volume taken from samples was 20 µL. The analysis was carried out together with a 

UV detector (224 nm) at room temperature.  

DBP metabolites were identified using a trapped ion-mobility spectrometry time-

of-flight mass spectrometer (TIMS-TOF-MS) (Bruker Daltonics, Bremen Germany). 

Ionization was performed using an electrospray (ES) source with a voltage of 3.5 kV 

applied to the needle and an endplate offset of 500 V. Using both positive and negative 

scan modes, ES spectral data was obtained. Data was acquired using Bruker Otof Control 

Software version 5.1 and processed with the Data analysis software version 5.1 from 

Bruker Daltonics. 

 

 

2.3. Results and Discussion  

 

 

2.3.1. Determination of the most suitable enzyme for DBP degradation 

 

 

Before enzymatic degradation experiments, the optimal temperature for each 

enzyme was evaluated based on the optimum conditions determined by the manufacturers 

(Figure B.1a.). The results confirmed the optimal conditions specified by the 

manufacturers. The degradation experiments by free enzymes were performed under 

optimum conditions for each enzyme (Figure B.1b.). Esterase from Bacillus subtilis 

degraded 100% of DBP at 30ºC within 15 min, however, esterase from Bacillus 

stearothermophilus was able to degrade 3.7±0.9% of DBP at 60ºC at the same time. As 

for degradation experiments conducted using lipase enzymes for 15 min, whereas 

Lipozyme CALB and Lipozyme TL 100 degraded 17.6±1.17% and 35.2±0.2% of DBP 

at 50ºC, respectively, palatase degraded 95.2±0.7% of DBP at 40ºC.  

The esterase from Bacillus subtilis exhibited the best result with the highest DBP 

degradation efficiency (100%) in a short time. According to equation (4), the activity of 

free esterase was determined to be 521.2 U/L at 30 ºC. In the literature, there are various 

studies on the effective use of esterase for the degradation of most PAEs. Saito et al. 

(2010) investigated the ability of bovine pancreatic cholesterol esterase (CEase) to 

degrade DBP, DEP, di-n-propyl phthalate (DprP), di-n-pentyl phthalate (DpeP), dihexyl 
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phthalate (DHP), and DEHP. They found that CEase completely degraded all PAEs (5 

µmol) within 15 min. Zhang et al. (2014) investigated the degradation of 10 µmol PAEs 

(DEP, DPrP, DBP, DPeP, DHP, DEHP, dicyclohexyl phthalate (DCHP), and BBP) using 

esterase obtained from Sulfobacillus acidophilus. They reported that the esterase has a 

high degradation rate on PAEs with short alkyl side chains, especially DBP. While the 

esterase was able to degrade 35% to 82% of PAEs (10 mM) within 2 min, it degraded all 

PAEs within 24 h. Esterase from Bacillus sp. K91 was reported to degrade 100% of 

diisobutyl phthalate (DiBP) (10 mM) over a long duration of time (Ding et al., 2015). 

Similar to the results of the aforementioned studies, esterase from Bacillus subtilis 

displayed a high ability to degrade DBP in this study. Therefore, this study focused on 

the immobilization of esterase obtained from Bacillus subtilis as the major enzyme 

responsible for DBP degradation. 

 

 

2.3.2. Esterase Immobilization 

 

 

The increase of the enzyme activity and stability and also facilitating the recovery 

and reuse of the enzyme is a matter of interest and the immobilization of enzymes is a 

tool commonly applied to fulfill these objectives. In this study, enzyme immobilization 

was performed by physical adsorption on a nanoclay support (HNTs). 

Initially, the enzyme immobilization was studied considering an adsorption time of 

360 min, pH 7, E/H 0.02, and temperature of 20ºC, and the results demonstrated that the 

immobilized enzyme had significant activity and adsorption efficiency. The loading 

efficiency and specific enzyme activity are different depending on several variables such 

as pH, adsorption time and temperature, and E/H ratio. Thus, the study of the influence 

of the selected variables on enzyme adsorption during the immobilization process was 

then tackled with both composite adsorption efficiency and the activity as the responses 

(Table B.1.). 
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2.3.2.1. HNT-enzyme composite adsorption efficiency 

 

 

The response surface analysis by ANOVA was performed (Table B.2.) and the 

constructed regression model was determined to be significant (p<0.05). Besides, the 

model F-value was found to be 63.14, and this large F-value related to the p-value showed 

that the experiment can be modeled with less error (Sadukhan et al., 2016). All the 

considered variables, the interaction terms between X1 and X4, X3 and X4, and the 

quadratic terms of the X1, and X4 were significant for the esterase adsorption efficiency. 

The final model equation (2.7) avoiding the insignificant terms led to a reduction in the 

equation representing the relationship between the independent variables and the 

efficiency of enzyme adsorption as follows:  

 

 

Y1 = 86.06 -16.11 X1 + 3.45 X2 + 2.17 X3 - 8.70 X4 - 9.27 X1X4 + 4.75 X3X4 -8.39 X1
2 - 

21.82 X4
2                                                                    (2.7) 

 

 

Among them, X2, and X3, an interaction term between X3 and X4 exhibited a 

positive effect on the efficiency of enzyme adsorption. However, X1, X4, the interaction 

term between X1 and X4, and the quadratic terms of X1 and X4 showed a negative effect 

on the adsorption efficiency of esterase. To evaluate the quality of curve fitting, the 

coefficient of determination (R2) and the adjusted coefficient of determination (Adj-R2) 

was found to be 0.98 and 0.96, respectively. These values showed that the model has a 

high capability to predict the responses. Furthermore, the predicted R2 (Pred-R2) of 0.90 

was in reasonable agreement with the Adj-R2. Adequate Precision (Adeq. Precision) is 

known to be a test that measures the signal-to-noise ratio (Dritsa et al., 2009). This ratio 

is used to compare the range of the predicted values at design points to the average of the 

prediction error. If the ratio is higher than 4, it is considered acceptable. For the adsorption 

efficiency, it was found to be 28.06. This also can be concluded in the model is significant. 

The value associated with the Adeq. Precision suggests that obtained model can be used 

to navigate the design space. The coefficient of variance (C.V.) of 5.29% indicated that 

the experiment had a very high precision and good reliability. The 3D response surface 
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and 2D contour plots showing the effect of some independent parameters on the enzyme 

adsorption efficiency are given in Figure 2.1.  

As can be seen in Figures. 2.1a and 2.1b, the maximum adsorption efficiency 

(95.4%) was obtained when the adsorption time and the E/H ratio were at 360 min and 

0.2 mg/mg with temperature and pH considered in the middle points, respectively. The 

adsorption efficiency improved with the increase in the E/H ratio and the prolonged 

adsorption time. The adsorption efficiency tends to increase along with the rise in the 

amount of adsorbent and enzyme (Wang et al., 2015a; Mohammadi et al., 2020). Wang 

et al. (2015a) observed a decrease in adsorption efficiency when the E/H ratio was 

reduced by two-fold. Ilgu et al. (2011) reported that there was almost no change in the 

immobilization efficiency of the enzyme when the amount of their support material was 

increased from 1.5 to 3 mg. Similarly, increasing the amount of HNTs did not make a 

significant difference in the adsorption efficiency in this study. This may be because a 

low amount of HNTs is sufficient for the adsorption of a low amount of the enzyme. 

Moreover, a high E/H ratio should be chosen to minimize oversaturated HNTs which can 

cause inappropriate and non-specific chemical adsorption (Wang et al., 2015a). 

In Figures. 2.1c and 2.1d, the maximum adsorption efficiency was determined at 

the center points where the temperature was 30ºC and the pH was 6. While the pH value 

did not have a significant effect on the adsorption efficiency, the temperature had a 

positive effect on the adsorption efficiency up to a certain temperature and then the 

efficiency began to decrease with the increase in the temperature. This may be due to the 

weakening of electrostatic interactions between enzyme and support at high temperatures 

(You et al., 2015). Twaig et al. (2017) reported that the amount of active sites on the 

surface of HNTs increases with increasing temperature and adsorption efficiency hereby 

increases. They observed a decrease in the adsorption capacity over 35ºC and suggested 

that this decrease may be related to the conformational change on the enzyme surface or 

distortion of the HNT structure. Based on this information, it may be more appropriate to 

set the adsorption temperature below 40ºC for enzyme immobilization. 
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2.3.2.2. HNT-enzyme composite specific activity 

 

 

The analysis by ANOVA of the results attained in the design of experiments concerning 

this response showed that the model is significant (p-value <0.05 and F value 1254.63) 

(Table B.3). The specific activity of esterase was significant (p<0.05) and model equation 

(2.8) with the significant terms was given as follows: 

 

 

Y2 = 7.27 + 13.79 X1 + 0.45 X2 +1.74 X4 - 0.50 X1X3 +1.19 X1X4 + 0.55 X2X4 + 0.25 

X3X4 + 9.16 X1
2            (2.8) 

 

 

X1, X2, and X4, the interaction terms between X1 and X3, X1 and X4, X2 and X4, X3 and 

X4, the quadratic term of X1 played a significantly important role in the specific enzyme 

activity. The interaction term between X1 and X3 displayed a negative effect on the 

specific enzyme activity. X1 was the most significant factor affecting the specific 

enzymatic activity (F=14842.97). Both the R2 and the Adj-R2 were found to be 0.99. 

These results indicated a great connection between the predicted values and the actual 

values obtained as a result of the experiment. Besides, the Pred-R2 was determined to be 

0.99. It was in reasonable agreement with the value of the Adj-R2. The F-value of the 

model with 1254.63 implied that the model was significant. The Adeq. Precision value 

was obtained as 90.79. This value indicated the constructed model was usable for 

navigating the design space. The C.V. (3.80%), which had a very low value, showed a 

very high degree of precision and good reliability of the experiment. The 3D response 

surface and 2D contour plots showing the interaction of the model-independent 

parameters on the specific enzyme activity are given in Figure 2.2. As shown in Figures 

2.2a and 2.2b, the highest specific enzyme activity was achieved when the E/H ratio and 

the adsorption time were 0.2 mg/mg and 360 min, respectively. With a rise in the E/H 

ratio and adsorption time, the enzyme-specific activity increased. However, the E/H ratio 

and the adsorption time had no significant effect on the enzyme-specific activity in this 

study. Wang et al (2015a) reported that the amount of loaded enzyme and enzyme activity 

increased when the incubation time was prolonged and then they reached an equilibrium. 
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In this study, enzyme activity decreased with the high amount of HNTs (Low E/H) and 

increased with the high amount of enzyme (high E/H) and then it plateaued. Wang et al. 

(2010) studied laccase immobilization on silica nanoparticles and reported a similar trend 

for the laccase enzyme. Mohammadi et al. (2020) investigated the effects of the amount 

of HNTs and enzyme on specific enzyme activity. They reported that enzyme activity 

decreased at a high amount of HNTs and enzyme. Besides, Wang et al. (2015a) reported 

that the amount of adsorbed lipase enzyme and enzyme activity increased with the 

increase in the enzyme concentration and then reached a plateau. Lee et al. (2009) 

adsorbed a commercial porcine pancreas lipase on the surface of modified nano-sized 

magnetite particles and observed that increased lipase concentration had an optimum 

concentration because more than optimum value caused a decrease in specific enzyme 

activity due to protein-protein interaction hindrance (Jiang et al., 2009). 

As seen in Figures 2.2c and 2.2d, the pH and adsorption temperature at which the 

enzyme has the highest specific activity were determined to be 7 and 40ºC, respectively. 

The specific enzyme activity increased when pH and adsorption temperature rose and 

then reached a plateau in this study. Generally, the temperature has a positive effect on 

the enzyme activity up to a certain temperature and then the activity begins to decrease 

as the temperature increases (Osho et al., 2016). 

 

 

2.3.2.3. Optimization of the conditions for the enzyme immobilization  

 

 

Based on the obtained results, the optimization of the variables was carried out 

considering simultaneously both responses studied. To maximize both responses, Design 

Expert 8 software was used. The optimum conditions for esterase immobilization were 

determined to be the pH of 7, the adsorption time of 360 min, the E/H ratio of 0.2 and the 

adsorption temperature of 30ºC, and the adsorption efficiency and the specific enzyme 

activity predicted with the model were 73.15% and 29.05 U/mg, respectively, with a 

desirability value of 0.796. After immobilization, the relative activity of the esterase was 

determined to be 82.7%. These results were validated experimentally, and the attained 

results were quite similar to the predicted (71.86%, 28.5 U/mg). Under the optimal 

conditions, the loaded amount of enzyme on HNTs was determined to be 1.922 mg/mg. 
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Figure 2.1. 3D response surface and 2D contour plots: The effect on adsorption efficiency of (a-b) E/H and time, (c-d) 

temperature and pH. 
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Figure 2.2. 3D response surface and 2D contour plots: The effect on the specific enzyme activity of (a -b) E/H and time; (c-d) 

temperature and pH.
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Ilgu et al. (2011) immobilized the thermophilic recombinant esterase on chitosan 

nanoparticles. They found the loading amount of the esterase on the nanoparticles as 0.85 

mg/mg. Thörn et al. (2011) reported the loading amount of feruloyl esterase on 

mesoporous silica materials (MPS-5D and MPS-9D) and non-porous silica as 0.034, 

0.073, and 0.031 mg/mg, respectively. Bonzom et al. (2018) determined the maximum 

loading amount of the esterase on MPS to be 0.022±0.03 mg enzyme/mg MPS. Compared 

to the other studies, the loaded amount of esterase on HNTs in this study (1.922 mg/mg) 

is noticeable and it can be attributed to the structure of HNTs due to specific sites in and 

out of the lumen.  

 

 

2.3.3. Characterization Analysis 

 

 

Once the optimal conditions were determined, the composite was characterized, 

and its structural and morphological properties were evaluated. 

 

 

2.3.3.1. Structural characterization of HNTs and HNT-enzyme 

composite 

 

 

The characterization of the composite structure was performed using XRD, SEM, 

and TEM microscopy (Figure 2.3a-d). The observed diffraction peaks are indexed to the 

hexagonal structure of HNT (Al2Si2O5(OH)4) based on the reported values of Halloysite 

7Å which complies with lattice constants: α=b=5.13, c=7.16 (JCPDS 00-029-1487). 

Bragg’s law (2.9) is used to determine the d-spacing (the interlayer distance between the 

layers of HNT). 

 

 

λ =2 d· sin θ                                           (2.9) 
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λ is the wavelength of the X-ray sent on the samples, and θ is the diffraction angle. 

HNTs showed the first diffraction peak (001) at 12.1º corresponding to a basal 

spacing of 0.73 nm. A second diffraction peak (100) at 20.1º attributed to 0.44 nm 

indicates the tubular structure of HNTs. Also, other diffraction peaks at 24.5º (002), 35º 

(110), 37.9º (003), 54.5º (210), and 62.5º (300) with lower intensity are ascribed to 

Halloysite 7Å (Zhai et al., 2013). 

The three-dimensional structure of pure HNTs and their surface was studied using 

SEM. The average length of the HNTs varies between 0.4 and 1 µm and its external 

diameter ranges from 70 to 100 nm. Additionally, its internal diameter is found to be more 

or less 30 nm, and its average wall thickness is 10 nm. 

TEM images of the pure HNTs (Figure 2.3c) and HNT-enzyme composite (Figure 

2.3d) showed that HNTs have a hollow tubular structure, and their two ends are open. 

Thus, after adsorption, esterase may be immobilized to the lumen and surface of HNTs. 

After enzyme immobilization, small irregular formations were observed in the lumen and 

surface of the HNTs, confirming the adsorption of esterase to the HNTs. Similar results 

are reported in the literature by Tully et al. (2016) who immobilized lipase enzymes to 

HNTs. 

 

 

2.3.3.2. Nanotextural and chemical characterization of HNT-enzyme 

composite 

 

 

N2 adsorption-desorption analysis was performed to determine the adsorption efficiency 

according to the changes in Braun-Emmet-Teller (BET) surface area, pore volume, and 

pore diameter. BET surface area and pore volume of pure HNTs were calculated to be 

66.064 m2/g and 0.002772 cm3/g, respectively. When the enzyme is immobilized on the 

support material, the surface area of HNTs decreases (Rodrigues et al., 2008). When the 

HNTs showed a decrease in BET surface area from 66.064 m2/g to 37.8918 m2/g (42.64% 

decrease) after the esterase adsorption, the micropore volume of HNTs diminished from 

0.002772 to 0.001632 cm3/g (41.12% decrease). When the average pore diameter of the 

HNT-enzyme composite was found to be 107,931 Ậ, that of HNTs was 90,325 Ậ. 

Following the enzyme adsorption, the decrease in the surface area and pore volume and 
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the increase in pore diameter of HNTs could be implications for enzyme immobilization 

on HNTs. The structure of the nanotextured composite was investigated by the FT-IR 

spectrum of HNTs and esterase (Figure 2.3e). The infrared spectrum of pure HNT 

characteristic peaks shows the O-H stretching of water at 3696 cm-1, the OH deformation 

of water at 3625 cm-1, and in-plane Si-O stretching at 1033 cm-1. In addition, the peaks at 

910 cm-1 and 693 cm-1 are caused by deformation vibrations of hydroxyl groups. Lastly, 

the peaks at 754 cm-1 and 540 cm-1 could be attributed to perpendicular stretching of Si-

O and deformation of Al-O-Si, respectively. The amide I (1630 cm-1) and amide II (1535 

cm-1) bands are the two most prominent vibrational bands of the protein backbone. It is 

apparent that both the amide bands and characteristic peaks of HNTs in the spectrum of 

HNT-enzyme composite are observed. There are significant differences between the 

peaks of HNTs and HNT-enzyme composite. Several researchers have attempted to 

immobilize lipase on HNTs. They have obtained similar results demonstrating that the 

adsorption method is a practicable method for enzyme immobilization on the HNTs 

(Wang et al., 2015a; Mohammadi et al., 2020). 

TGA was performed to prove that proteins adsorb onto HNTs (Figure 2.3f). It is 

shown that HNTs have undergone dehydration of the physically adsorbed water at 30 ºC 

and interlayer water molecules bound by hydrogen bonds at 250ºC, and the 

dehydroxylation process at 470ºC. It is known that the decomposition of protein under air 

flow shows a maximum mass loss in the range of 300 ºC and 350 ºC (Duce et al., 2017). 

In addition, a shoulder forms at 245 ºC due to the polypeptide chain thermal 

decomposition of esterase. At 450 ºC and 650 ºC, esterase undergoes the decomposition 

of aggregates as well as the carbonizing and ashing of the hard residues of the proteins 

(Duce et al., 2017). Compared to the HNT-enzyme composite, the free esterase displayed 

rapid decomposition with the increasing temperature due to enzyme denaturation. The 

pure HNTs and the free esterase displayed a mass loss of 17.53% and 87.27%, 

respectively in the range of 20 ºC and 800 ºC. As for the HNT-enzyme composite, the 

weight loss percentage was determined to be 20.05% within the same temperature range. 

These results exhibited that the enzyme adsorption on HNTs significantly improved the 

thermal resistance of the enzyme. 
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2.3.4. Stability test 

 

 

2.3.4.1.  Thermal stability 

 

 

With the increase in temperature, the HNT-enzyme composite showed a 17.5% loss  in 

activity at 70ºC while the free esterase enzyme only maintained about 5.7% of its original 

activity at the same temperature (Figure B.2a). The enzyme immobilization resulted in 

enhanced thermal stability at higher temperatures, which is attributed to an increase in 

rigidity achieved during the immobilization process. This rigidity helps to prevent 

conformational changes in the enzyme's tertiary structure (Hartmeier, 1988; Zhai et al., 

2010). Consequently, immobilized enzymes have the potential to be used in a wide range 

of industrial applications (Hu et al., 2007). 

 

 

2.3.4.2. Storage stability  

 

 

As shown in Figure B.2b, at the end of storage time for 14 days, free esterase lost 

almost 80% of its original activity, whereas the HNT-enzyme composite still retained 

92% of its initial activity. Zhai et al. (2010) reported that the immobilized urease and α-

amylase on HNT retained %90 and 94% of their initial activities, respectively after 15 

days of storage time. Wang et al. (2015a) conducted a test to evaluate the stability of 

immobilized lipase on HNTs. They reported that the immobilized lipase maintained more 

than 80% of the initial activity at the end of 14 days storage, while free lipase lost almost 

all of the original activity at the same time. This fact indicates that HNTs can offer a 

conducive environment for immobilized enzymes, resulting in significantly improved 

storage stability. 
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(a) 

 

 
(b) (e) 

 

 
(c) 

 

 
(d) 

 

 
(f) 

 

Figure 2.3. Composite characterization: XRD analysis (a), SEM images (b), and TEM images of HNTs (c) and HNT -enzyme 

composite (d), FT-IR spectrum (e) and TGA curves (f) of HNT (black), esterase (red), and HNT -enzyme composite 

(blue).
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2.3.4.3. Reusability of HNT-enzyme composite 
 

 

Enzymes that have been immobilized on supports can be readily recovered and 

reused multiple times, which is not possible with free enzymes that are difficult to 

separate from the reaction mixture. In the literature, the relative enzyme activities after 7 

repeated uses following the immobilization of α-amylase (Zhai et al., 2010), urease (Zhai 

et al., 2010), and lipase (Mohammadi et al., 2020) onto HNTs were reported as 56.2%, 

65%, and 70%, respectively. In this study, the HNT-enzyme composite exhibited 

significant stable activity even after 7 continuous cycles of the enzymatic reaction and it 

retained almost 75% of its initial activity (Figure B.3). This result demonstrated much 

better reusability of HNT-esterase composite compared to other immobilized enzymes on 

HNTs. This may be attributed to biocompatibility between enzyme and HNTs. 

Additionally, the loss in activity can be due to enzyme inactivation resulting from its 

repeated use (Zhai et al., 2010). 

 

 

2.3.5. Determination of kinetic parameters 

 

 

Km and Vmax of the free esterase and HNT-esterase composite were determined 

using the Lineweaver-Burk plots (data not shown). The Lineweaver-Burk plots 

demonstrated a linear relationship within the tested concentration range. When the Km 

and Vmax of free esterase were 0.673 µM and 35.461 µM/min, respectively, these values 

of the HNT-enzyme composite were determined to be 1.76 µM and 52.6 µM/min, 

respectively. The Km value for the HNT-esterase composite was found to be higher than 

that of free esterase, indicating that the HNT-enzyme composite had a lower affinity for 

the substrate and a lower tendency to interact with it. Similar results were reported in the 

literature (Pereira et al., 2019a; Mohammadi et al., 2020) which the HNT-enzyme 

composite exhibited a higher Km value than free esterase. Furthermore, the Vmax value 

of the HNT-enzyme composite was 1.5-fold higher than that of free esterase. The 

immobilization process can lead to changes in the structure of the enzyme and alter its 

accessibility to the substrate, which can affect the kinetic parameters. Therefore, 

differences in the Km and Vmax values between free and immobilized enzymes can be 
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attributed to these changes (Akgöl et al., 2001; Tutar et al., 2009). In addition, the increase 

in the Vmax value of the HNT-enzyme composite, despite the increase in the Km value, 

may be attributed to a decrease in enzyme inhibition (Rodrigues et al., 2013). The Km 

and Vmax values obtained in this study may be lower than those obtained in the literature 

(Tekedar and Sanli-Mohamed, 2011; Mohammadi et al., 2020). The enzyme with low 

Km and Vmax indicates better enzyme-substrate binding (Sudo, 1995; Saganuwan, 

2021). This fact shows that the esterase enzyme used in the study has a high affinity with 

its substrate. 

 

 

2.3.6. DBP degradation study by HNT-enzyme composite 

 

 

The results of the degradation experiment showed that the free esterase enzyme (1 

mg/mL) completely degraded DBP (100 mg/L) within 15 minutes (Figure 2.4a), and the 

HNT-enzyme composite continued the degradation of DBP until the end of the 3rd cycle 

with a 100% efficiency (Figure 2.4b). Moreover, the HNT-enzyme composite was able 

to degrade almost 70% of 100 mg/L DBP at the end of the 7th cycle. It can be used in long 

cycles for DBP degradation although the free esterase could not be used repeatedly due 

to the need to separate from the reaction mixture. This may be because only a part of the 

HNT-enzyme composite comes into contact with DBP. Therefore, the HNT-enzyme 

composite exhibits good degradation capability even after repeated use. In recent years, 

a few studies have focused on the degradation of DBP in the presence of an enzyme 

immobilized on various materials. Dulazi and Liu (2011) immobilized lipase enzyme on 

chitosan beads to degrade different types of PAEs (15 mg/L). They reported that the lipase 

immobilized on chitosan beads degraded 73.05% of DBP in a solution consisting of a 

mixture of different types of PAEs. Sungkeeree et al. (2017) conducted a DBP 

degradation study using an immobilized esterase obtained from Sphingobium sp. SM42 

on amine-functionalized supports. They reported that the immobilized esterase degraded 

99% of 10 mM DBP and 30% of 100 mM DBP within 18 h. In this study, the HNT-

enzyme composite with high activity exhibited high degradation efficiency in long cycles. 

It may be related to the biocompatibility between the esterase and HNTs. Because the 
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reusability of the immobilized enzyme depends on the support material and the substrate 

(Zhai et al., 2010). 

Contrary to the free esterase, the HNT-enzyme composite could be separated easily 

in the reaction mixture and subsequently reused. At the end of each degradation cycle, 

the activity of the composite was assayed again. Free esterase enzyme could not be reused 

in degradation experiments. During the degradation experiments with the 7 cycles of 1h-

periods, the relative activity and the mass percentage of the esterase immobilized on 

HNTs were given (data not shown). 

The mass percent of the esterase on HNTs was 71% at the 3rd cycle and this 

percentage was determined to be 48% at the end of the experiment. It was understood that 

approximately 50% of the esterase immobilized on HNTs was released at the end of the 

experiment. Furthermore, while the esterase immobilized on HNTs retained 70% of its 

initial activity in the 3rd cycle in the degradation experiment, it lost 55% of initial activity 

at the end of the 7th cycle. This decrease in the activity of the HNT-enzyme composite 

can be attributed to the accumulation of metabolites that covers the enzyme and has an 

effect on the next degradation cycles (Zhai et al., 2013). 

 

 

 
(a) 

 

 

 
(b) 

 

Figure 2.4. DBP degradation efficiency in the presence of (a) free esterase 

and (b) HNT-enzyme composite.  
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2.3.7. Investigation of DBP metabolites 

 

 

After the degradation experiments, the metabolites of DBP were identified based 

on mass spectra at a particular retention time (RT) as shown in Figure B.4. DBP solution 

without the esterase was used as the control sample in HPLC-MS analysis (Figure B.4a). 

The obtained m/z ratios by mass spectrometry were compared to those of compounds in 

the literature. The m/z ratio for DBP was 279.15 (RT 22.6 min). After degradation 

experiments in the presence of free esterase, phthalic anhydride (M1; m/z 149.02; RT 2.8 

min), DMP (M2; m/z 163.0388; RT 6.9 min), mono butyl phthalate (MBP; M3; m/z 

223.0961; RT 9.7 min) and butyl methyl phthalate (BMP; M4; m/z 259.039; RT 15.4 

min) were detected as the metabolites of DBP (m/z) in the presence of methanol (Figure 

B.4b). MBP, BMP, and DMP are likely to be formed by transesterification reaction in the 

presence of methanol as a result of the DBP degradation experiments (Kim and Lee, 2005; 

Ahn et al., 2006; Kumar et al., 2017). Besides, Okamoto et al. (2011) reported that PAEs 

undergo transesterification which is the process of exchanging the alkyl group of an ester 

with the alkyl group of an alcohol. Phthalic acid (PA) which is formed by the de-

esterification reaction of PMEs was reported in many studies as a metabolite of PAEs via 

bacterial (Feng et al., 2002) or enzymatic degradation (Saito et al., 2010; Dulazi and Liu, 

2011). Then, phthalic anhydride is formed as a result of the dehydration of PA. In this 

study, the other peaks observed in the chromatograms were determined to be polymers. 

Kim and Lee (2005) studied the degradation of DBP by free esterase and cutinase. They 

identified three metabolites: 1,3 isobenzofurandione (IBF), DMP, and BMP. In the study, 

firstly, DBP was converted to 1,3 isobenzofurandione (IBF) at the end of 7.5 h in the 

presence of cutinase and then, the amount of BMP began to increase as that of IBF 

decreased after the 3rd day. It was reported that BMP was the major metabolite of DBP 

degradation conducted using the esterase. IBF was not detected in this study. This is 

because the formation of the metabolites significantly depends on the enzyme used in the 

study. IBF is a major degradation product in the DBP degradation study in the presence 

of cutinase (Ahn et al., 2006). Fang et al. (2010) conducted a study on DBP degradation 

using a bacteria (Enterobacter sp. T5) isolated from municipal solid waste, and they 

reported that the major DBP metabolites were MBP and PA. Kumar et al. (2017) 

conducted a study on the biodegradation of DBP using two isolated bacteria 
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(Pseudomonas sp. V21b and Comamonas sp. 51F) from municipal solid waste. They 

identified MBP and PA to be the metabolites of DBP. Fang et al. (2017) investigated the 

biodegradation of DBP in the presence of Acinetobacter sp. strain LMB-5 isolated from 

soil. There were four metabolites of DBP, 1,2 benzenedicarboxylic acid, butyl methyl 

ester, DMP, and PA during DBP degradation. Generally, most DBP metabolites identified 

in the literature were found as a result of DBP degradation in the presence of the esterase 

in this study. It is apparent from Figure B.4c that MBP, BMP, DMP, and phthalic 

anhydride appeared in the HPLC chromatogram at the end of the degradation experiment 

conducted using the HNT-enzyme composite for 1h. PAEs and their metabolites tend to 

be adsorbed in the support materials (Dulazi and Liu, 2011). Compared to Figure B.4b 

and 4.4c, there were differences in the peak areas of metabolites that occurred in the 

presence of free enzyme and HNT-enzyme composites. This fact may be due to the 

adsorption of some PAE metabolites on the HNT-enzyme composite. For this reason, the 

peak area may be visible at a lower intensity. As seen in the HPLC-MS chromatograms, 

all metabolites that appeared in the presence of free esterase during DBP degradation 

were found in the presence of the HNT-enzyme composite. As a result of this study, it is 

understood that the HNT-enzyme composite metabolizes DBP to phthalic anhydride. This 

may be an indication that the esterase does not lose its characteristic properties after 

immobilization and can be used as an effective degrader during long cycles of degradation 

experiments. 

 

 

2.4. Conclusion 

 

 

In this study, the ability of esterase and lipase enzymes obtained from various 

microorganisms to degrade DBP was investigated. Esterase from Bacillus subtilis 

displayed the highest DBP degradation ability and then it was immobilized on halloysite 

nanotubes (HNTs) with the adsorption method under optimal conditions. The HNT-

enzyme composite was repeatedly used in the DBP degradation over time, retaining most 

of its initial activity. Whereas the free esterase revealed a high ability to degrade DBP in 

a short time, the immobilized esterase could be used with a high degradation ability during 

long cycles. It has been confirmed that HNTs are a desirable natural support material to 
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overcome the limitation of enzyme catalytic activity, and also the esterase obtained from 

Bacillus subtilis is an effective degrader of DBP. All these results support the fact that the 

HNT-enzyme composite can be more suitable for future practical applications in the 

remediation of PAEs in different environments. 
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CHAPTER 3 

 

 

DEGRADATION OF DIBUTYL AND DIETHYLHEXYL 

PHTHALATES BY RHIZOMUCOR MIEHEI LIPASE: 

SUBSTRATE SPECIFICITY, IMMOBILIZATION, 

CATALYTIC PERFORMANCE 

 

 

3.1. Introduction 

  

 

Phthalic Acid Esters (PAEs) are synthetic chemicals that are produced on massive 

scales and widely used in various industrial processes and products. They are commonly 

used as plasticizers and added to materials to boost flexibility, durability, and workability. 

They are linked to the plastic matrix with hydrogen bonds and van der Waals forces and 

thus they can easily enter the surrounding environment such as the atmosphere, water 

bodies, soil, etc. Thereafter, they can accumulate in living organisms, including plants, 

animals, and humans (Sun et al., 2015; Mu et al., 2017). Moreover, they are of increasing 

interest because they may cause cancer (Medellin-Castillo et al., 2013), reproductive and 

neurophysiological disorders (Wu et al., 2013; Ren et al., 2018), organ damage, birth 

defects (Tumay-Ozer et al., 2012; Tsai et al., 2018) and developmental problems, and 

they can also exhibit endocrine-disruptive properties (Tumay-Ozer and Gucer, 2012; 

Sheikh et al., 2016). 

Dibutyl phthalate (DBP) and diethylhexyl phthalate (DEHP), detected in the 

environment, are typical representatives of PAEs with short and long chains, respectively. 

They have been ranked as priority pollutants by regulatory agencies in the United States 

and the European Union countries (EC, 1997). Thus, the widespread use and potential 

hazards of PAEs on the ecosystem and public health have led to a need for a method to 

remove them from the environment. Even though photodegradation and hydrolysis can 

occur for PAEs through natural abiotic conditions, their degradation rate is very low (Ren 
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et al., 2018). Additionally, some of the PAEs are resistant to hydrolysis and photolysis 

(Bai et al., 2020). Biodegradation is generally perceived as a safer, cleaner, and more 

environmentally friendly option compared to other methods such as photolysis and 

hydrolysis. There is no secondary pollution after the biological degradation of PAEs 

(Huang et al., 2019). The search for an environmentally friendly degradation method, 

especially for contaminated sites, is still active. Therefore, the biodegradation of PAEs in 

the environment by enzymes is recognized as a promising method as it can occur 

relatively rapidly (Yastrebova et al., 2019; Savinova et al., 2022). PAEs toxicity is related 

to the ester bonds present in their chemical structure (Heindel and Powell, 1992). Lipase, 

one of the hydrolase enzymes, has shown notable effectiveness in breaking down the ester 

bonds within the structure of PAEs and facilitating their biodegradation (Sharma et al., 

2019). Earlier studies have demonstrated that the lipase from Candida cylindricea 

(Tanaka et al., 2000), Pseudomonas sp. V21b (Kumar et al., 2017), Comamonas sp. 51F 

(Kumar et al., 2017), and Candida lipolytica (Sun et al., 2022b) can degrade PAEs. 

Despite that, free lipases exposed to harsh environments including high temperatures, 

persistent reactions, and organic solvents are generally unstable, meaning they can lose 

their structural stability during a reaction and have a relatively short catalytic lifetime. An 

effective strategy to address these challenges is to immobilize the enzyme onto a support 

material. This approach can increase the enzyme’s stability and half-life and maintain the 

enzyme activity under varying environmental conditions, including fluctuations in pH 

and temperature (Puri et al., 2013). Adsorption that does not require the use of chemicals 

is a simple and economical method for the immobilization of enzymes. Adsorbed enzyme 

can easily be separated from the mixture and its repeated use for applications is possible. 

However, conformational changes in the enzyme’s secondary structure and protein 

refolding, which can also reduce enzyme activity and stability may occur (Collins et al., 

2011; Mohamad et al., 2015). These changes can take place due to the interaction between 

the enzyme and the immobilization matrix, or the confinement of the enzyme within the 

matrix. Demonstrating these changes could be important in the development of 

sophisticated biocatalysts for biotechnological applications. 

Due to their high surface area, a strong surface binding capability, high 

biocompatibility, and high mechanical properties nanostructured materials such as 

nanoparticles, nanofibers, nanotubes, and nanocomposites are widely used as a matrix to 

immobilize and stabilize enzymes by improving biocatalytic efficiency (Asuri et al., 

2006; Verma et al., 2013; Puri et al., 2013). Halloysite nanotubes (HNTs, 
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Al2Si2O5(OH)4·2H2O), which is one of the natural materials, have recently received 

attention as outstanding support materials for enzyme immobilization due to their 

distinctive tubular structure, cost-effectiveness, favorable biocompatibility, and being 

environmentally friendly material. 

The main objective of the present study is to comprehensively investigate the ability 

of Rhizomucor miehei (R.miehei) lipase (palatase) as free and immobilized form onto 

HNTs (HNTs-P composite) in terms of the degradation of PAEs with short and long 

chains (DBP and DEHP). This study has a different perspective from the literature on 

enzymatic degradation, considering substrate specificity, enzyme selectivity, amino acid 

sequences, binding pocket shapes, and DBP/DEHP degradation products. Furthermore, 

in the literature, only a few studies have addressed alterations in the secondary structures 

of enzymes following immobilization to HNTs. With this study, circular dichroism (CD) 

spectroscopy analysis was performed to clarify the changes in the secondary structure of 

the enzymes after immobilization. Lastly, the degradation products of DBP and DEHP, 

and the reusability of the composites in the experiments were investigated. The study can 

contribute to the broader application of immobilized enzymes not only in persistent 

organic contaminant treatment but also in prospective applications in the food, 

pharmaceutical, and industrial areas. 

 

 

3.2. Material and Method 

 

 

3.2.1. Materials 

 

 

Pristine halloysite nanotubes (HNTs) were kindly donated by Esan, Eczacibasi 

Industrial Raw Materials Co. (Türkiye). R. miehei lipase (EC 3.1.1.3; 20,000 LU/g) 

known as palatase was supplied from Novozymes (Denmark). Bovine serum albumin 

(BSA), DBP and DEHP solution (%99) and p-nitrophenyl acetate (pNPC-2) were 

products of Sigma-Aldrich. All other chemicals have reagent-grade quality, and they were 

utilized as received.  
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3.2.2. Enzyme immobilization onto HNTs 

 

 

Since palatase was in liquid form, it was directly used as an enzyme solution in 

adsorption experiments. The immobilization study was conducted according to the 

procedure reported by Balci et al. (2023).  

 

 

3.2.3. Enzyme characteristic properties 

 

 

The enzymatic activity was assessed through the hydrolysis of pNPC-2, based on 

the method described by Tekedar and Sanli-Mohamed (2011). The activity was 

subsequently determined using the following equation (3.1). 

 

 

Activity (U/L) = 
(Abs at 400 nm/ min).(Vt).(DF)

(Ԑ).(Ve).(d)
                                                                              (3.1) 

 

 

Where Vt: Test volume (mL), DF: Dilution factor, Ɛ: molar extinction coefficient 

of paranitrophenol (p-nitrophenol) at 400 nm, Ve: Volume of used enzyme (mL), d: 

Lightpath (1 cm). 

One unit (U) of enzyme activity is defined as the quantity of enzyme capable of 

liberating 1.0 µmol of p-nitrophenol per min, under assay conditions, using 0.5 mM 

pNPC-2 as the substrate. The extinction coefficient for p-nitrophenol in the buffer system 

is determined to be 17,215 M-1 cm-1.  

The protein content of the enzyme solution, supernatant, and washing solution was 

measured using the Bradford Method with Bovine Serum Albumin (BSA) as the model 

protein (Bradford, 1976). The absorbance of the solutions was recorded at 595 nm using 

a UV-Visible spectrophotometer (Genesys-150). Adsorption efficiency (Ads. eff. (%)) 

and enzyme loading amount (Load. amount (mg/mg)) were calculated by considering the 

quantity of enzyme that remained unadsorbed, using the following equations (3.2-3.3): 
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Ads.eff.= 
Total enzyme amount−(enzyme amount in the supernatant and washing solution)

Total protein amount
x100         (3.2)    

 

 

Load.amount= 
Total enzyme amount−(enzyme amount in  supernatant and washing solution)

mass of HNTs
x100   (3.3) 

 

 

3.2.4. Material characterization 

 

 

Transmission Electron Microscopy (TEM) and Fourier Transform Infrared 

Spectroscopy (FT-IR) were utilized to analyze and characterize the structure of HNTs 

before and after palatase immobilization. With thermogravimetric (TG) analysis, the 

thermal stability of these materials was evaluated. Before the characterization analyses, 

HNTs and HNTs-P were kept in a vacuum oven at 100ºC and 45ºC, respectively. 

The detailed surface morphology of HNTs and HNTs-P was examined using a 

MICRO JEOL JEM 1010 Transmission electron microscopy (TEM) with an accelerating 

voltage of 200 kV.  

FT-IR spectra of the HNTs and HNTs-P were collected on a JASCO FT-IR 4100 

spectrometer (Jasco Inc., Easton, MD, USA) to analyze their respective functional groups. 

All data was obtained by scanning in the range of 4000 and 400 cm−1 at a resolution of 2 

cm−1. 

The thermal stability of both HNTs and HNTs-P were examined using a Seteram 

thermogravimetric analyzer. The analysis was conducted in the temperature range of 30ºC 

to 800°C at a heating rate of 10°C/min under high-purity nitrogen flow (20 mL/min). The 

mass loss with heat was recorded to assess the thermal stability of the materials. 

 

   

3.2.5. Sequence analysis  

 

 

The specific amino acid sequence of palatase (P19515) was retrieved from the 

protein databases available at UniProt with the corresponding accession numbers and 

compared to that of Bacillus subtilis esterase (O32232) with high PAEs degrading ability. 
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The Basic Local Alignment Search Tool (BLAST) program from National Center for 

Biotechnology Information (NCBI) and Clustal Omega (Clustal 0(1.2.4)) program from 

European Bioinformatics Institute were utilized to conduct sequence similarity searches. 

The binding properties of the active site for enzymes were investigated using the 

ScanProsite program.  

 

 

3.2.6. Circular Dichroism (CD) Analysis 

 

 

Circular dichroism (CD) is an excellent method used to rapidly assess changes in 

protein conformation, enzyme stability, binding characteristics, and folding/unfolding 

transitions under various conditions, such as changes in temperature, pH, and the presence 

of ligands or other environmental factors. The far UV (200-260 nm) CD spectra are 

indicative of α-helices, β-sheets, β-turn, and random coils in the protein secondary 

structure (Roberts et al., 1989). 

In this study, a CD analysis was carried out using a Jasco Spectropolarimeter (J-

815, Tokyo, Japan) to demonstrate the conformational changes in the secondary structure 

of the palatase before and after immobilization in the range of 200-260 nm at 0.1 nm 

intervals. The CD spectra were obtained at room temperature using a quartz cuvette with 

a cell length of 1 cm. For all samples, the spectra data were obtained as an average of 

three scans, and a blank spectrum devoid of protein was subtracted. The CD raw data 

were directly given as ellipticity values in millidegrees (mdeg). Considering the mean 

residue ellipticity at about 216 nm, the relative structure percentage (%) was calculated 

using the following equation (3.4).  

 

 

Relative structure (%) = 
θ𝐼𝐸  

θ𝐸
 x100                                                                               (3.4) 

 

 

where θ represents ellipticity at 216 nm, θIE and θE for the free and immobilized 

enzymes, respectively. 
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3.2.7. Stability tests 

 

 

Stability experiments were expressed by the relative activity (%) and the initial 

lipase activity was assumed to be 100%. 

Temperature stability tests for both free palatase and HNTs-P were performed with 

incubation of samples in a phosphate buffer (0.1 M, pH 7) at different temperatures 

between 20ºC and 70ºC. The samples were taken and subsequently cooled to room 

temperature (Jafarian et al., 2018) and their relative activity was measured using pNPC-

2 (0.5 mM) in acetonitrile.  

To assess storage stability, both the free palatase and HNTs-P were kept for 14 days 

at 4ºC. Samples were periodically taken during the predetermined time interval to 

measure relative enzyme activity using a 0.5 mM pNPC-2 substrate. 

To test the pH effect on the stability, the pH of the samples was adjusted at various 

values (3, 5, 7, and 9) using a phosphate buffer (0.1 M) at the optimal temperature for the 

enzyme. Following the incubation period, the activity was assessed with 0.5 mM pNPC-

2 substrate present. 

 

 

3.2.8. Degradation assays 

 

 

3.2.8.1. Degradation assay by free palatase 

 

 

The degradation experiments with free palatase were conducted using a procedure 

reported by Balci et al. (2023). Firstly, a concentrated 1,000 mg/L DBP and DEHP 

solution was prepared in methanol separately. Tween-80 was added as a solubilizing 

agent to enhance the solubility of PAEs in the solution. 0.1 mL of the palatase, 0.1 mL of 

1,000 mg/L DBP/DEHP in methanol, 0.1 mL of Tween-80 (1%), and 0.7 mL of phosphate 

buffer (0.1 M, pH 7) made up the reaction mixture. The mixture was kept for 1 h under 

optimal conditions specified by the manufacturers. After a specific time-interval, the 

samples were periodically taken and subsequently, the enzymatic reaction was terminated 
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by adding 1 N HCl to the samples at a rate of 10% (v/v) (Saito et al., 2010). Prior to HPLC 

analysis, the samples were filtered through a 0.22 µm PTFE syringe filter to eliminate 

particle materials.  

 

 

3.2.8.2. Degradation assay by HNTs-P composite 

 

 

0.8 mL of phosphate buffer (0.1 M, pH 7), 0.1 mL of Tween-80 (1%), and 0.1 mL 

DBP/DEHP (1,000 mg/L) in methanol were added to the glass tube containing 5 mg of 

HNTs-P. For 1h-periods, samples were placed in an incubator shaker. At the end of each 

period, they were taken, vortexed for 30 sec, and then centrifuged at 5,000 rpm for 10 

min. The supernatant phases were taken to measure enzyme activity and protein 

concentration. 1 M HCI (10% (v/v)) was added to the remaining supernatant phase to 

terminate the reaction and then the samples were analyzed using an HPLC device to 

measure the concentration of DBP/DEHP. After each cycle, the pellet phase with palatase 

was supplemented with the reaction mixture (1 mL) containing 0.1 mL of DBP/DEHP 

solution (1,000 mg/L) and 0.9 mL of phosphate buffer (0.1 M, pH 7). 

 

 

3.2.9. Analysis of PAEs and their metabolites  

 

 

HPLC (Agilent 1260 Infinity) was used for the quantification of DBP in the 

samples. The HPLC system consisted of a quaternary pump, an autosampler, a ZORBAX 

Eclipse XDB C-8 column (5 µm particle size, 150 mm × 4.6 mm i.d), and a diode array 

detector (DAD). The mobile phase which was acetonitrile:water (60:40, v/v) for DBP 

analysis was used in isocratic mode at a flow rate of 1 mL/min with 20 µL sample 

injection. For the analysis of DEHP in gradient elution, the ratio of mobile phase 

(acetonitrile: water) was adjusted over time periods as follows: 0 to 3 min 80:20, 3 to 9 

min 95:5, 9 to 12 min 100:0 and 12 to 22 minutes 80:2. The flow rate was maintained at 

0.5 mL/min throughout the analysis with 10 µL sample injection. The analyses were 

performed at room temperature, using a UV detector set at 224 nm. The Bruker Elute LC 
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system coupled with a Trapped Ion-Mobility Spectrometry Time-of-Flight Mass 

Spectrometer (TIMS-TOF-MS) from Bruker Daltonics (Bremen, Germany) was utilized 

to identify the degradation products of DBP and DEHP. Ionization was carried out by an 

electrospray (ES) source, where the needle was subjected to a voltage of 3.5 kV and an 

endplate offset of 500 V. ES spectral data were acquired in both positive and negative 

scan modes. The Bruker Otof Control Software version 5.1 was used to obtain the data, 

which were subsequently processed with the Data analysis software version 5.1 from 

Bruker Daltonics. 

 

 

3.3. Results and Discussion 

 

 

3.3.1. Enzyme immobilization and characterization 

 

 

Following immobilization, the adsorption efficiency and relative enzyme activity 

of the obtained supernatants and washing solutions were measured. These values for 

HNTs-P were found to be 80.3% and 87.8%, respectively. They were expressive 

compared to other studies in literature. Balci et al. (2023) reported that the adsorption 

efficiency and enzyme activity for immobilized esterase to HNTs (HNTs-E) were 73.2% 

and 82.7%. Wang et al. (2015a) underlined that more than 85% of lipase enzyme was 

immobilized to HNTs. Mohammadi et al. (2020) conducted a study on immobilization of 

lipase onto HNTs, resulting in an enzyme adsorption efficiency of approximately 70%. 

These results can be attributed to the prolonged immobilization process and the 

compressional deformation of enzymes on HNTs (Yang et al., 2019). These differences 

in the adsorption values can be related to the effect of enzymes isoelectric point (pI) value 

on immobilization. Another reason for this could be the biocompatibility that exists 

between the enzymes and HNTs.  
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3.3.1.1. Morphological properties 

 

 

The hollow tubular structure of HNTs with a transparent central area and its lumen 

with two open ends were clearly visible in TEM images (Figure C.1a). After the 

immobilization of the palatase onto HNTs, the difference in morphological structure of 

the HNTs (Figure SM1b) was observed as small irregular formations inside the lumen 

and on the surface of HNTs. These observed formations are related to the presence of the 

enzyme. Notably, there is a slight increase in the outer diameter of the HNTs-P and a 

decrease in their inner diameter. This fact can be attributed to the pI of the enzyme 

affecting immobilization. Since the pI of the palatase is about 3.8 in the phosphate buffer 

(0.1 M, pH 7) (Rodrigues and Fernandez-Lafuente, 2010), the palatase, which is an 

anionic protein, is mostly driven into the lumen of HNTs with a positive charge (Tully et 

al., 2016). All these results demonstrated that the palatase was successfully adsorbed on 

the HNTs.  

 

 

3.3.1.2. Physical and chemical properties 

 

 

The adsorption of palatase on the HNTs was analyzed with an FT-IR study (Figure 

C.2a). For HNTs, the FT-IR spectrum indicated a characteristic absorption peak at 3696 

cm-1 and 3626 cm-1 which was attributed to the O-H stretching of water and OH 

deformation of water within HNTs. Additionally, a strong peak at 1032 cm-1 originated 

from in-plane Si-O stretching. The peaks at 910 cm-1 and 693 cm-1 were due to the 

deformation vibrations of Al-OH. Lastly, the perpendicular stretching of Si-O at 754 cm-

1 and the deformation bonding of Al-O-Si at 540 cm-1 were caused by vibrations of Al-

O-Si. In the spectra of the proteins, the bands at 1630 cm-1 (amide I) and 1535 cm-1 

(amide II) are two prominent vibrational bands of proteins that give information about 

the secondary structure of the polypeptide chain. The presence of amide bands and HNT 

characteristic peaks observed in the FT-IR spectra of HNTs-P implies immobilization of 

lipase onto HNTs. 
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TG analysis was conducted to investigate the decomposition temperature of the 

enzyme. Figure C.2b indicated the mass loss trends of HNTs and HNTs-P from 30ºC to 

800ºC. Firstly, HNTs underwent the dehydration of the physically adsorbed water on the 

external surfaces of HNTs at 30ºC, and water molecules in the HNT structural layer were 

released at 250ºC. Next, HNTs went through the dehydroxylation process of the hydroxyl 

groups in the structural layer of HNTs above 480ºC. Maximum mass loss in protein 

decomposition under airflow was observed between 300ºC and 350ºC (Duce et al., 2017). 

The shoulder at 245ºC was due to thermal degradation of the polypeptide chain of 

enzymes. Enzymes typically undergo processes involving the breakdown of aggregates 

as well as the carbonization, and ashing of the hard residues of the proteins. The free 

enzymes have more rapid decomposition than the HNTs-P with the increasing 

temperature owing to enzyme denaturation. HNTs-P composite had a higher weight loss 

in the range from 250ºC to 420ºC. This was due to the loss of water and denaturation of 

the enzymes by heat, followed by the destruction of the protein structure. The mass loss 

of HNTs-P began at 420ºC as a result of the combined breakdown of the HNTs and 

enzymes. Between 30ºC and 800ºC, HNTs and HNTs-P experienced losses of 82.06% 

and 67.41%, respectively. This indicated that palatase was successfully immobilized on 

HNTs, and the thermal resistance of the enzymes significantly improved with the 

immobilization process. 

 

 

3.3.2. Sequence analysis  

 

 

The sequence analysis study was conducted to understand the effectiveness of 

enzymes owing to relatively formed differences in enzymatic degradation. The BLAST 

and Clustal Omega searches of the deduced amino acid sequence revealed significant 

differences between esterase that was used in previous work (Balci etal., 2023) and 

palatase (Figure 3.1). The encoded esterase consists of 246 amino acids in length with a 

calculated mass of 28.193 kDa. As for the encoded palatase, it contains 363 amino acids 

in length and has a calculated molecular mass of 39.602 kDa. The α/β hydrolase fold 

family is one of the most extensive groups of structurally related proteins, encompassing 

a broad range of catalytic and non-catalytic functions (Carr and Ollis, 2009). In general, 
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lipase and esterase enzymes exhibit a similar folding pattern known as the α/β hydrolase 

fold (Ollis et al., 1992). In many α/β hydrolases, the active site comprises a catalytical 

triad consisting of a nucleophilic residue, a catalytic acid that is not directly involved in 

catalysis, and a histidine residue (Eggert et al., 2000). The active site of hydrolases such 

as esterase and palatase typically comprises serine, aspartate or glutamate, and histidine. 

The active site triad for palatase consists of Ser238, Asp297, and His351 while it is Ser93, 

Asp192, and His222 for esterase. Typically, the Ser-His-Asp triad of α/β hydrolases plays 

a crucial role in the hydrolysis of ester bonds (Fan et al., 2018). 

 

 

 

 
Figure 3.1. Multiple amino acid sequence alignment of esterase and palatase 

genes. 

 

 

Due to seeing similar degradation but not to reach phthalic acid (PA) step led us to 

investigate structural differences of enzymes. To compare the similarities and differences 

between these two enzymes: palatase (this study) and esterase from the previous work 

(Balci et al, 2022), the sequence information for esterase and lipase has been utilized to 
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identify potential sequence motifs. Most of the lipase and esterase have the consensus 

sequence Gly-X-Ser-X-Gly motif (Mala and Takeuchi, 2008; Keun et al., 2012). The 

lipase from Candida rugosa, Geotrichum candidum, and Yarrowia lipolytica and esterase 

have this conserved sequence motif surrounding the central active site serine residue 

(Fojan et al., 2000; Keun et al., 2012). The motif is typically situated in a position between 

a β-strand and an α-helix and assumes an extremely sharp turn known as nucleophilic 

elbow (Ollis et al., 1992; Keun et al., 2012). It provides information about the 

classification of an amino acid sequence. The same motif is detected in palatase according 

to the results of the ScanProsite tool. The amino acids in the active site, the substrate 

binding site of enzymes, use many chemical mechanisms that convert the substrate to the 

product. That is, enzymatic reactions occur in the enzymes’ active sites. The substrate 

specificity of the enzyme depends on the characteristic properties of the active site region. 

It is determined by the specific arrangement of amino acids within the active site and the 

structure of the substrates. Different substrate specificity can arise from identical active 

sites due to the influence of substrate and enzyme dynamics (Gade et al., 2021). For 

instance, B. subtilis esterase and B. stearothermophilus esterase with 74.8% similarity 

have the same active site triad. However, the DBP degradation ability of B. 

stearothermophilus esterase is much lower than that of Bacillus subtilis esterase (Balci et 

al., 2023). Unlike this, whilst R. miehei lipase and Candida sp. lipase do not show 

significant similarity in amino acid sequences, both have very high PAEs degradation 

ability (Dulazi and Liu, 2011; Balci et al., 2023). This can be attributed to their difference 

in substrate specificity. Not only substrate specificity but also other properties are also 

important for selectivity. The substitution of amino acids in the entrance region of enzyme 

active sites can alter the selectivity of the enzyme towards its substrate (Albayati et al., 

2020). Enzyme specificity and selectivity in catalyzing different substrates are 

determined by the complementarity between the substrate and the enzyme, as well as the 

specific interactions that occur between the substrate and residues of the enzyme 

(Albayati et al., 2020). Additionally, selectivity can also be observed in terms of the fatty 

acid chain lengths, including short, medium, or long-chain fatty acids, as well as the 

degree of unsaturation. These variations contribute to different selectivity types exhibited 

by enzymes in their interaction with substrates. Whereas lipase effectively catalyzes the 

hydrolysis of ester bonds in a broader spectrum of fatty acids, esterase displays a higher 

substrate specificity for short and medium-chain fatty acid residues (C≤12) (Fojan et al., 

2000; Samoylova et al., 2018; Ding et al., 2022). The physical characteristics of the 
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substrate are likely to play a significant role in determining the enzyme’s substrate 

specificity. Long-chain fatty acids generally exhibit a low solubility, often forming 

emulsions. Therefore, lipase possesses the ability to recognize and interact with insoluble 

or highly aggregated substrates. Esterase activity is highest when acting on substrates that 

are more soluble in water (Fojan et al., 2000). The shape of the enzyme's binding site, 

along with the specific amino acid sequences that form the binding site, are vital factors 

in determining the preference of lipase for different sizes of acyl groups (Albayati et al., 

2020). These factors are the main determinants that control the substrate specificity and 

selectivity of lipase towards acyl groups of varying sizes. The shape of the acyl binding 

site plays a critical role in determining substrate specificity. The specific shape and 

arrangement of amino acids within the binding site contribute to the enzyme's ability to 

recognize and accommodate particular substrates, thereby influencing its substrate 

specificity. By complementing the shape of the acyl group, the binding site enables the 

enzyme to selectively interact with and catalyze reactions involving specific substrates. 

Lipases typically possess a hydrophobic, elongated binding site for the scissile fatty acid. 

This binding site is situated within the binding pocket, which can be described as a wall 

of a binding funnel or a tunnel-like structure (Albayati et al., 2020). This unique 

arrangement allows lipase to effectively accommodate and interact with the fatty acid 

substrates, facilitating the catalytic hydrolysis or synthesis of ester bonds. Esterase 

enzymes have a small acyl binding pocket compatible with their substrate. The diverse 

characteristics of enzymes cause variations in their capacity to degrade the PAEs. These 

differences arise from variations in their substrate specificities, active site structures, and 

binding pocket shapes, which collectively influence their ability to degrade and interact 

with specific compounds. Consequently, the varying enzymatic properties between R. 

miehei lipase and B. subtilis esterase and can result in distinct efficiencies and capabilities 

for degrading the pollutants. 

 

 

3.3.3. Conformational change in the enzyme structure  

 

 

The enzyme's activity is substantially influenced by changes in its conformation, 

primarily due to the structural impact on the binding affinity of diverse substrates to the 



 
 

60 

  

consistently reactive sites (Figure 3.2). Collins et al. (2011) suggested that palatase 

formed 48% α-helices and 32% β-sheet. Figure 3.2 show CD spectra of free palatase and 

HNTs-P in phosphate buffer (0.1 M, pH 7). There were two negative peaks at about 208 

and 216 nm in the CD spectra of free palatase. The α-helix has two negative peaks with 

a similar magnitude between 208 and 220 nm (Greenfield, 2006; Correa et al., 2009; 

Ernest et al., 2014). Additionally, it has a positive band in the range of 195 and 200 nm 

(Kikani and Singh, 2015). It is obvious that a positive peak associated with α-helix tends 

to form from 190 nm to 200 nm (Figure 3.2). These peaks in the CD spectra of free 

palatase can be attributed to the characteristic of α-helix structure. Upon the 

immobilization of the enzymes to HNTs, the CD spectra of palatase demonstrated a 

decrease in the intensity of the two negative peaks observed at 208 and 216 nm, indicating 

a potential decrease in the α-helix structure. It may be related to the β-sheet conformation 

of the enzyme due to the fact that the β-sheet protein exhibits a negative spectrum between 

210 and 220 nm (Rigos et al., 2003). The trends may imply an alteration in the α-helix 

and the β-sheet of enzyme. Consequently, after the palatase immobilization, a decrease 

in α-helix structures and an increase in β-sheet structures were obvious. Similar findings 

were reported in the literature (Ernest et al. 2014; Chen et al., 2021a). Collins et al. (2011) 

immobilized palatase to bare and glutaraldehyde-functionalized chitosan. They observed 

some changes in the conformation of the enzyme after immobilization of both chitosan 

and glutaraldehyde-functionalized chitosan and detected a decrease in the α-helix and an 

increase in β-sheet. Ernest et al. (2014) studied the interaction of amylase with silver 

nanoparticles (AgNPs). They reported a decrease from 63.5% to 60.3% in α-helix 

structure after AgNP treatment. They underlined that the band at 222 nm related to the α-

helix structure shifted to 215 nm. Yang et al. (2019) reported that the intensity of negative 

peaks in the free horseradish peroxidase (HRP) enzyme decreased after enzyme 

immobilization at 208 and 222 nm. This fact may imply a conformational transformation 

in the structure of enzymes on HNTs. 

The relative structure percentage of HNTs-P at 216 nm were found to be 

approximately 83% and respectively. The relative structure percentage of the 

immobilized palatase on the HNTs showed slight change, indicating that the secondary 

structure of the enzyme was mostly preserved (Verma et al., 2013). This preservation of 

the secondary structure demonstrated that the HNTs-P retained most of enzyme’s 

catalytic activity before immobilization. These results suggested that the HNTs-P 

exhibited a higher stability, as the structural integrity of the enzyme was maintained. Not 
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only immobilization but also the presence of many substances in the environment can 

cause changes in the conformational structure of the enzyme. Hou et al. (2020) studied 

the conformational change of protein tyrosine phosphatase in the presence of sodium 

dodecyl sulfate (SDS). They reported that the peak at 222 nm in CD data exhibited an 

increase with the progressive rise in SDS concentration from 0 to 0.7 mM. Consequently, 

the presence of PAEs in the environment can also make changes in the secondary 

structure of the enzymes before or after immobilization in implication of induced active 

site when the substrates bind. 

 

 

Figure 3.2. CD spectra of free palatase and HNTs-P composite. 

 

 

3.3.4. Stability test assays 

 

 

 

3.3.4.1. Temperature stability 

 

 

The thermal stability of both free palatase and HNTs-P was evaluated at various 

temperatures ranging from 20ºC to 70ºC (Figure C.3). The response of free palatase and 

HNTs-P to heat exposure exhibited noticeable differences. At temperatures above 40ºC, 
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free palatase activity was greatly reduced compared to HNTs-P due to enzyme 

denaturation. As the temperature increased, the HNTs-P composite experienced a 10.7% 

reduction in activity at 70ºC, whereas the free palatase only retained approximately 40.3% 

of initial activity at the same temperature. It is noteworthy that when compared to free 

esterase (Balci et al., 2023), free palatase can still maintain some of its activity at high 

temperatures. The optimal temperature of palatase was 40ºC as specified by the 

manufacturer. The immobilization of the enzyme results in improved thermal stability at 

higher temperatures due to the enhanced rigidity achieved during immobilization. This 

can avoid conformational changes in the enzyme structure (Hartmeier, 1988; Zhai et al., 

2010). This property of immobilized enzymes makes them promising for use in various 

industrial applications (Hu et al., 2007). 

 

 

3.3.4.2. Storage stability test 

 

 

The activities of free palatase and HNTs-P after a 14-day storage period at 4°C has 

revealed that the immobilization process has improved the stability of the enzyme. The 

findings of the storage stability test at 4°C are depicted in Figure C.4. After the 14-day 

storage period, although the free palatase experienced a decline of 78% in its original 

activity, HNTs-P maintained 95% of its initial activity. The results indicated that the 

immobilization enhanced the stability of palatase, leading to a prolonged duration of 

activity. Zhai et al. (2010) reported that HNTs with urease and α-amylase maintained 90% 

and 94% of their original activities, respectively, even after being stored for 15 days. 

Similarly, Wang et al. (2015a) conducted a study on immobilized lipase on HNTs and 

found that it maintained over 80% of its initial activity after 14 days of storage, while the 

free lipase lost nearly all of its initial activity during the same time period. Balci et al. 

(2023) immobilized Bacillus subtilis esterase on HNTs and reported that the immobilized 

esterase retained nearly 80% of its initial activity at the end of 14 days-storage. These 

findings highlight that HNTs provide a favorable environment for immobilized enzymes 

which leads to a substantial improvement in their storage stability. 
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3.3.4.3. pH stability test 

 

 

The effect of various buffer pH values on the enzyme activity of both free palatase 

and HNTs-P can be seen in Figure C.5. The activity curves of both the free palatase and 

HNTs-P at different pH values exhibited similarities. The maximum values of relative 

activity for free palatase and HNTs-P were obtained at pH 7. The enzyme activity of 

HNTs-P declined as the pH values deviated from the optimum range. However, this 

reduction was more pronounced in the case of free enzymes. When the pH value was 

increased to over 7, a decrease in enzyme activity was observed for both free palatase and 

HNTs-P. However, this decrease is relatively minor compared to the reductions observed 

at lower pH values. The optimal pH range for palatase specified by the manufacturer 

company was between 7 and 10. It is obvious that the immobilization of palatase on HNTs 

improved the stability of the enzymes against pH changes (Figure C.5). 

 

 

3.3.5. DBP degradation by free palatase and HNTs-P composites  

 

 

The degradation assays using free palatase were conducted under optimal 

conditions. Palatase was able to degrade to completely degrade DEHP (100 mg/L) within 

15 min at 40ºC, while it could degrade 95.2 ± 0.7% of DBP (100 mg/L) for same duration. 

Sun et al. (2022b) studied DEHP degradation at 5 mg/L concentration in the presence of 

lipase and reported that the lipase enzyme could be degraded %94.8 of DEHP at within 3 

h. This variability is attributed to the substrate specificities of lipase and esterase enzymes. 

When lipase exhibits a higher substrate specificity on long-chain PAEs such as DEHP, 

esterase is effective on short and medium-chain PAEs. The performance of HNTs-P was 

investigated during continuous degradation cycles. HNTs-P also exhibited a good 

degradation ability with high DBP and DEHP concentration (100 mg/L) in long 

degradation cycles. The results indicated that the HNTs-P was able to degrade to all DBP 

and DEHP within 1st cycle (Figure 3.3). At the end of the 7th cycle, HNTs-P was able to 

degrade 63.3% of DBP and 72.8% of DEHP. The gradual deterioration of a portion of the 

enzyme structure over the continuous cycle had an impact on the activity of the HNTs-P. 

This observation suggests that HNTs-P maintained a relatively stable degradation 
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efficiency through continuous cycles and exhibited good reusability in DBP and DEHP 

degradation without losing all its characteristic properties. This can be attributed the 

biocompatibility between HNT and palatase. Dulazi and Liu (2011) studied the 

immobilization of lipase enzyme to chitosan beads with EDC activation and 

subsequently, they used the beads with the enzyme to degrade DBP and DEHP at 15 

mg/L. The immobilized enzyme was able to degrade 55.2% of DBP and %100 of DEHP. 

Sungkeeree et al. (2017) reported that an immobilized esterase enzyme (from 

Sphingobium sp. SM42) on amine-functionalized supports was able to degrade 99% of 

10 mM DBP and 30% of 100 mM DBP within 18 h. Sun et al. (2022a) performed a study 

on the DBP (1 mg/L) degradation by using of lipase and esterase in water. At the end of 

48 h the esterase almost entirely degraded DBP while the lipase was achieved a DBP 

degradation rate of 95.9%. It is clear that both enzymes exhibit significant selectivity in 

catalytically degrading PAE congeners with diverse substituent groups.  

 

 

Figure 3.3. DBP/DEHP degradation efficiency in the presence of HNTs -P 

composite. 

 

 

Unlike free palatase, the HNTs-P was separated from the reaction mixture and 

reused in subsequent degradation cycles. HNTs-P’s relative activity and mass percentage 

were assessed once again following each degradation cycle (data not shown). Its mass 

percentage at the 3rd and 7th cycles of DBP degradation experiment was 76% and 53%, 

respectively. As for the same cycles of DEHP degradation experiment, it was 78% and 

56%, respectively. This indicated that following the 7-cycle degradation experiments, 

approximately 55% of the enzymes from both HNTs-P were released. The HNTs-P had 
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75% of its original activity after the 3rd cycle of DBP degradation but experienced a 

decline, losing 63% of its initial activity by the end of the 7th cycle. As for HNTs-P, it 

retained 66% of its initial activity after the 7th cycle of DEHP degradation. This reduction 

in activity could be ascribed to the accumulation of metabolites that covered the enzyme, 

potentially affecting subsequent degradation cycles, as reported by Zhai et al. (2013).  

 

 

3.3.6. Degradation metabolites 

 

 

The metabolites produced during DBP and DEHP degradation by palatase enzyme 

(Figure 3.4.) and the compound ratios obtained through mass spectrometry were verified 

against those of the same compounds reported in the literature and LC-MS analysis was 

carried out for detection. 

 

 

Figure 3.4. LC-MS chromatograms of the samples before and after 

DBP/DEHP degradation experiment in the presence free 

palatase and HNTs-P. 

 

 

DBP and DEHP solution without the addition of any enzymes was employed as a 

control sample. DBP and DEHP exhibited a retention time of 22.6 and 20.9 min, 
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respectively. The MS spectrum was generated through the fragmentation of the molecular 

ions that were protonated under positive electrospray ionization. The resulting DBP and 

DEHP fragment ions were identified at m/z 279.15 and 391.28, respectively. At the end 

of the degradation experiments conducted by using free palatase and HNTs-P, new peaks 

appeared along with DBP and DEHP. The MS spectra of the newly formed peaks were 

obtained through the fragmentation of the protonated molecular ions under negative 

electrospray ionization.  

PAEs tend to undergo hydrolysis by two enzymes (esterase and lipase), resulting in 

the formation of the respective mono-phthalate esters (MPEs) and PA (Sun et al., 2022a). 

Subsequently, the mineralization process concludes with the degradation of PA and CO2, 

and/or CH4 by microorganisms. The DBP degradation experiments resulted in the 

formation of monobutyl phthalate (MBP; m/z 163.0388; RT 6.9 min), butyl methyl 

phthalate (BMP; m/z 259.039; RT 15.4 min) through a transesterification reaction in the 

presence of methanol (Kim and Lee, 2005; Ahn et al., 2006; Kumar et al., 2017; Balci et 

al., 2023). Numerous studies have reported PA as a metabolite (Saito et al., 2010; Dulazi 

and Liu, 2011) as a result of the de-esterification of PMEs. Phthalic anhydride, DMP, 

MBP, and BMP were detected as the metabolite of DBP in the presence of methanol in 

degradation experiments conducted using free esterase (Balci et al., 2023). Compared 

with these findings, there were only MBP and BMP in the presence of free palatase. The 

degradation metabolites of DBP in the presence of free palatase were the same as those 

in the presence of HNTs-P. The metabolites that emerge as a result of the degradation of 

DEHP were monoethyl hexyl phthalate (MEHP) and PA (Saito et al., 2010; Nahurira et 

al., 2017; Yang et al., 2018; Lamraoui et al., 2020). As can be seen from Figure 3.4, the 

palatase converted DEHP to MEHP (m/z: 277; RT 8.3 min). PA metabolite was not found 

in the presence of free palatase and HNTs-P. It might be connected to the steric 

hinderance of MEHP, which has carboxyl groups that prevent the enzyme from binding 

to the substrate (Liang et al., 2008; Singh et al., 2017). In other words, MEHP's side ester 

chain interferes with the hydrolytic enzyme's ability to connect to it. As a result, MEHP's 

hydrolysis reaction is blocked. This fact suggested palatase enzyme could not catalyze 

the hydrolysis of PME into phthalic anhydride. Balci et al. (2022) underlined that Bacillus 

subtilis esterase degraded DBP and DEHP to PA. Hence, it is likely that a prolonged 

degradation time might be necessary compared to the research findings in the presence of 

esterase enzyme. Consequently, degradation mechanism of PAEs begins in the presence 
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of palatase. Different hydrolase enzymes and microorganisms may take part to complete 

the final mechanism of PAEs degradation (Staples et al., 1997). 

There were discrepancies in the peak areas of metabolites observed in the presence 

of free palatase and HNTs-P (Figure 3.4). It is reported that PAEs and their metabolites 

have a tendency to be adsorbed into the support materials (Dulazi and Liu, 2011). The 

adsorption of some PAE metabolites onto the HNTs-P could be reason for a lower 

intensity of the peak area.  

The group of enzymes that have the ability to break down ester bonds in side chains, 

such as esterase, phthalate ester hydrolase, and lipase, can be categorized into three 

distinct groups (I, II, and III) based on their properties of hydrolyzing ester bonds (Song 

et al., 2022). The group-I enzymes have the ability to transform PAEs into MPEs while 

the group-II enzymes can convert MPEs into PA. The group-III enzymes are able to 

convert PAEs into PA, giving them a distinct advantage over the other two groups (Song 

et al., 2022). However, these group-III enzymes are still not widely available in significant 

quantities (Xu et al., 2021). Bacillus subtilis esterase degraded DBP to phthalic anhydride 

(Balci et al., 2023) while palatase enzyme was able to degrade DBP to MBP and BMP. 

In accordance with all this information, Bacillus subtilis esterase can be included in the 

group-III enzymes, while palatase can be included in the group-I enzyme. 

 

 

3.4. Conclusion 

 

 

The study investigated the DBP and DEHP degradation capability of R. miehei 

lipase (palatase) with free and immobilized forms for potential environmental 

applications by considering the substrate specificity, amino acid chain, and degradation 

products. Palatase was immobilized to HNTs and formed HNTs-P composites showed a 

high DBP and DEHP degrading ability during long cycles, indicating the stability and 

effectiveness of the composite.  

Palatase has the ability to degrade DBP and DEHP in a short time. There is a 

difference between the PAEs degradation end products in the presence of palatase. This 

can be attributed to the fact that variability stems from differences in substrate 

specificities, active site structures, and binding pocket shapes, which collectively impact 
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their interactions and degradation capabilities towards specific compounds. Despite this, 

the palatase is very effective in the hydrolyzation of ester bonds that causes the toxicity 

of PAEs and converts PAEs into PMEs.  

After immobilization, the enzymes retained their secondary structure significantly. 

The analysis of the CD spectra proved that the immobilized enzyme retained its structural 

integrity and maintained a high catalytic activity compared to the free enzyme. This 

observation suggested that the immobilized enzymes exhibited a higher stability since the 

secondary structure of the enzyme was mostly maintained, which is a promising outcome. 

This indicates that the immobilization of the enzymes onto HNTs may be a viable 

approach to enhance the stability and catalytic performance of the enzymes, potentially 

making it suitable for practical applications in various environmental remediation 

processes. 
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CHAPTER 4 

 

 

CONTINUOUS TREATMENT OF DIETHYLHEXYL AND 

DIBUTYL PHTHALATES BY FIXED-BED REACTOR: 

COMPARISON OF TWO ESTERASE 

BIONANOCOMPOSITES 

 

 

4.1. Introduction 

 

 

Phthalic acid esters (PAEs) are one of the widely used synthetic chemicals in the 

plastic industry to supply the needs of modern society. Increasing demand for plastics has 

led to a significant increase in the global production of PAEs around the world. Today, 

PAEs have an annual production volume of over 80 million metric tons in the world 

(Weizhen et al., 2020). Owing to the fact that they do not have any covalent bond to the 

plastic matrix, they can be released into the environment during their manufacturing, use, 

and disposal. Once released, they reach almost all environmental media through 

geochemical processes, subsequently degrade very slowly under natural conditions, and 

lastly accumulate in the air surface water, wastewater, sediment, soil, sewage sludge, and 

biota over time (Clark et al., 2003; Das et al., 2014). Dibutyl phthalate (DBP) and 

Diethylhexyl phthalate (DEHP) are among the most abundant PAEs detected in the 

environment (Gao et al., 2020). They exhibit mutagenic, and carcinogenic properties even 

at low concentrations. Due to their high production volume, widespread distribution, and 

possible toxic effects, DBP and DEHP have been declared environmental priority 

pollutants by the United States Environmental Protection Agency (USEPA) and the 

European Union (EU). Besides, some nations in the EU and United States of America 

have limited or prohibited their production and use. Therefore, the efficient removal of  

This chapter has been published as: 

Balci, E., Rosales, E., Pazos, M., Sofuoglu, A., Sanroman, M.A. 2022. Continuous treatment of 

diethyl hexyl phthalates and dibutyl phthalates by fixed-bed reactor: Comparison of two esterase 

bionanocomposites. Bioresource Technology, 263, 127990.  
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DBP and DEHP in the contaminated environment is great of importance. Various 

methods such as biodegradation and physical-chemical methods (photolysis, chemical 

hydrolysis, and oxidation) have been used to degrade DBP and DEHP in the environment. 

The biodegradation process has a major role in the removal of these pollutants. This is 

because it is a faster process than photolysis and hydrolysis, and results in innocuous end 

products. Biodegradation studies on PAEs comprise not only using bacterial strains but 

also using enzymes from these bacterial strains. Earlier reports also revealed that esterase 

is a major enzyme that acts on the ester bonds in the structure of PAEs. The esterase from 

Bacillus sp. (Niazi et al., 2001) and the esterase from Bacillus sp. K91 (Ding et al., 2015) 

were reported to be highly effective to degrade PAEs. Saito et al. (2010) underlined that 

pancreatic cholesterol esterase enzymes (50 U) completely degraded DBP and DEHP (5 

µmol) within 15 min. Sun et al. (2022a) reported that carboxyl esterase (0.1 U) was able 

to degrade more than 90% of DBP and DEHP (1 mg/L) in an aqueous solution within 288 

h. The esterase appeared capable of degrading PAEs to their corresponding monoester 

and phthalic acid (PA) (Ding et al., 2015; Saito et al., 2010). Although there is information 

in the literature on the degradation of PAEs in the presence of the esterase enzyme 

obtained from various sources, no study was found on the use of the enzyme obtained 

from Bacillus subtilis in the degradation studies of PAEs.  

Immobilization on a support material increases the stability and half-life of the 

enzyme and improves the resistance of the enzyme to changing environmental conditions 

such as pH, and temperature (Handayani et al., 2012; Wei, et al., 2022). Enzymes can be 

bound by a support material using various immobilization methods such as adsorption, 

crosslinking, encapsulation, and entrapment. Among these methods, crosslinking is a very 

useful and preferable immobilization method. This is because it has various advantages 

over the stability and retention rate of enzyme on support. Furthermore, the leakage of 

enzyme on support is low level. In enzyme immobilization, different support materials 

such as chitosan (Dulazi and Liu, 2011; Olshansky et al., 2018), alginate (Ramsay et al., 

2005), silica (Chen and Lin, 2007) as well as alumina are used. Support materials must 

be water-insoluble and must have thermal, mechanical, and chemical stability as well as 

resistance to microbial attack. At the same time, these materials must be low cost and 

must have biodegradability to harmless products. Among many supports, chitosan (CTS) 

and alginate (ALG) are the materials of interest in enzyme immobilization due to their 

wide availability and having most of the above-mentioned properties (Choo et al., 2016; 

Hurmuzlu et al., 2021). Furthermore, the reactive amino and hydroxyl groups of CTS that 
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are effective on enzyme binding reactions provide a higher protein loading and higher 

activity (Hung et al., 2003; Dulazi and Liu, 2011). However, it needs to improve its 

mechanical properties before an immobilization study (Peng et al., 2015; Choo et al., 

2016). As for ALG, its use can be limited in various applications due to its swelling and 

degradation behavior in the water (Bhagyaraj and Krupa, 2020). To be used in many 

applications, it is necessary to minimize its swelling and improve its mechanical 

properties, that is, to extend its service life (Bhagyaraj and Krupa, 2020). It is possible to 

form composite beads with the addition of nano clay, carbon nanotubes (CNTs), and 

titanium dioxide to reinforce the mechanical properties of CTS and ALG. Among these 

materials, CNTs exhibit the potential to enhance the mechanical properties of support 

material. However, there are no studies about the esterase immobilization on CTS-HNT 

and ALG-HNT beads and their capability for the degradation of PAEs. 

In this study, the main focus is the continuous degradation of DBP and DEHP by 

two bionanocomposites based on CTS-HNT and ALG-HNT beads. For this purpose, the 

amount of esterase immobilized on both bionanocomposites was analyzed, the enzyme 

immobilization efficiency and stability were compared, and the feasibility of systems was 

tested by DBP and DEHP degradation in fixed-bed reactors operating in continuous 

mode.  

 

 

4.2. Material and method 

 

 

4.2.1. Materials 

 

 

Pure HNT powder was provided by Esan, Eczacibasi Industrial Raw Materials 

Company (Istanbul, Turkey). Chitosan from crab shells, Bovine Serum Albumin (BSA), 

and Glutaraldehyde (GTA) were supplied from Sigma-Aldrich (USA). Sodium Alginate 

was purchased from Quimipur, S.L.U. All other chemicals were of laboratory reagent 

grade and used without further purification. Esterase from Bacillus subtilis was obtained 

from Sigma-Aldrich. Before the immobilization study, HNT and CTS were dried in a 
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vacuum oven at 100 ºC and 40 ºC, respectively to eliminate their moisture content and to 

make them ready for use. The esterase was stored at -20 ºC until its use.  

 

 

4.2.2. Immobilization study 

 

 

4.2.2.1. Preparation of chitosan-halloysite beads  

 

 

CTS-HNT beads were prepared with minor modifications to the previous studies 

(Choo et al., 2016; Hurmuzlu et al., 2021). Briefly, the procedure is described as follows: 

Firstly, 2 g of CTS were dissolved in 100 mL acetic acid solution (2.5%, v/v). The mixture 

was stirred magnetically for 24 h at room temperature. Then 1 g of HNT was added to the 

CTS solution and mixed for 24 h. Following this, the solution was sonicated for 1 h at 

ambient temperature to obtain a homogenous dispersion of CTS-HNT. The resultant 

solution was pumped into 125 mL of deionized water containing 15 g NaOH and 25 mL 

of 95% ethanol through a needle (diameter 1.2 mm) at a flow rate of 1 mL/min under 

stirring. Thereafter, the CTS-HNT spheres were formed instantaneously and washed with 

deionized water until neutral pH was reached. Subsequently, the beads were kept at -20 

ºC in the fridge overnight and then dried using a freeze dryer (lyophilizer) under vacuum 

conditions for 24 h at -50 ºC (Telstar Cryodos).  

 

 

4.2.2.2. Preparation of alginate-halloysite beads 

 

 

3 g of sodium alginate were dissolved in 100 mL at 25 ºC by mechanically stirring. 

0.5 g of HNT was added to the sodium alginate solution. The solution was mixed until 

HNT was dispersed in an alginate solution at 300 rpm. After that, it was placed in an 

ultrasonicator for 1 h at room temperature. The obtained solution was dropped at a flow 

rate of 1mL/min into calcium chloride solution (1 M) through a syringe needle with a 

diameter of 1.2 mm under continuous stirring. The calcium chloride solution was kept at 
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4 ºC before its use. The formed beads were taken from the solution and then washed with 

deionized water several times until the pH of the beads became neutral. Lastly, ALG-

HNT beads were stored at -20 ºC and then dried using a freeze dryer under vacuum 

conditions for 24 h at -108 ºC. The dried CTS-HNT and ALG-HNT beads were stored 

until further use.  

 

 

4.2.2.3.  Immobilization of esterase on chitosan-halloysite and alginate-                     

halloysite beads 

 

 

In this study, GTA was used as a crosslinking agent to immobilize the esterase 

enzyme on the beads. In previous studies, the amount of GTA in the solution required for 

the enzyme immobilization on beads has been used in the range of 0.072 mL (0.15%) and 

0.36 mL (0.75%) and the optimal amount of GTA was determined to be 0.072 mL in the 

solution for 0.4 g of beads (Mondal et al., 2015). To prepare the crosslinked beads with 

GTA, 0.15% GTA solution (v/v) was added to 0.4 g of each bead (Mondal et al., 2015). 

To prepare the crosslinked beads with mixed for 4 h at 25 ºC and 150 rpm in an incubator 

shaker. To remove the non-crosslinked agent with beads, the beads were rinsed with 

deionized water three times. Thereafter, 1 mL of the enzyme (2 mg/mL) was added to the 

crosslinked beads and mixed on a test tube shaker at 25 ºC, 80 rpm for 1 h. At the end of 

this period, the beads were filtered and washed with deionized water three times to 

remove the unbounded enzyme. After the immobilization process, the supernatant and 

washing solution was kept at 4 ºC to determine the enzyme immobilization efficiency.  

As a result of these procedures, two different bionanocomposites were synthesized: 

CTS-HNT-EST and ALG-HNT-EST. 

 

 

4.2.3. Protein determination  

 

 

To determine the protein concentration of free and beads immobilized enzyme, the 

Bradford method was implemented. Firstly, a standard curve was created using Bio-Rad 
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dye reagent and BSA as model protein. The absorbance of the solutions was measured 

using a UV-Visible spectrophotometer (Genesys-150) at the wavelength of 595 nm 

(Bradford, 1976). The protein concentration in the solutions was estimated using a 

calibration curve. Then, the amount of immobilized enzyme on the beads was calculated 

according to the mass balance. Immobilization efficiency (Imm. eff. (%)) and enzyme 

loading amount (Load. amt (mg/mg)) were calculated using the following equations (4.1-

4.2). 

 

 

Im eff. =
Initial protein amount−(protein amount in the supernatant+ washing solution)

Initial protein amount
x100 (4.1)   

 

                 

Load. amt =
Initial protein amount−(protein amount in the supernatant+ washing solution)

mass of HNT
      (4.2)          

 

 

4.2.4. Enzyme activity assay 

 

 

The enzyme activity of free and immobilized esterase was determined 

spectrophotometrically by hydrolysis of 4-nitrophenyl acetate (pNPC-2) according to 

Tekedar and Sanli-Mohamed (2011). For free esterase, the assay mixture (1 mL) 

consisted of 0.8 mL phosphate buffer (100 mM, pH=7), 0.1 mL of 0.5 mM pNPC-2 

dissolved in acetonitrile, and 0.1 mL of free enzyme solution (1 mg/mL). The activity of 

the immobilized enzyme was determined according to the activity measurement of the 

free enzyme. Instead of free enzyme solution, 0.1 mL of supernatant and/or washing 

solution was added to assay mixture. Then, the assay mixture was incubated at optimum 

temperature for 5 min and initial rates were estimated by measuring the increase in 

absorbance at 400 nm as a function of time. The activity of the immobilized enzyme was 

determined depending on the calculated activity of the free enzyme. The enzyme activity 

(U/L) was calculated according to the following equation (4.3). 

 

Enzyme activity (U/L) =
(Absorbance at 400 nm).(Vt).( DF)

(t ).(Ԑ)·(Ve)·(d)
                                            (4.3) 
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Vt: total sample volume (mL), DF: Dilution factor, t: reaction time, Ɛ: 

paranitrophenol molar extinction coefficient at 400 nm (17,215 M-1.cm-1), Ve: enzyme 

volume (mL), d: light path (1 cm).  

Besides, after each day of degradation experiments, the activity of the immobilized 

enzyme was measured and then expressed as relative activity (He et al., 2015).  

 

 

4.2.5. Material characterization 

 

 

Before and after enzyme immobilization, HNT, CTS-HNT, and ALG-HNT were 

structurally characterized by Scanning Electron Microscopy (SEM), Transmission 

Electron Microscopy (TEM), Fourier Transform Infrared Spectroscopy (FT-IR). To 

investigate the thermal resistance of these materials, a Thermogravimetric Analysis 

(TGA) was conducted. These analyses were done by the external services of CACTI 

(University of Vigo).  

 

 

4.2.5.1. Scanning Electron Microscopy analysis 

 

 

The microstructure of pure HNT, CTS-HNT, and ALG-HNT beads and the beads 

with esterase was examined using an FEI QUANTA 250 FEG Scanning Electron 

Microscopy (SEM) instrument equipped secondary detector. Before SEM analysis, the 

samples were dried, and their surface was coated with gold in argon to eliminate the 

charging of the beam. 

 

 

4.2.5.2. Transmission Electron Microscopy analysis 

 

The morphological properties of HNT, CTS-HNT, and ALG-HNT beads were 

investigated using a MICRO JEOL JEM 1010 Transmission electron microscopy (TEM) 

with an accelerating voltage of 200 kV. Before TEM analysis, both HNT and the beads 
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with HNT were dispersed in ethanol solution using an ultrasonic bath. Subsequently, a 

drop of each dispersion was deposited on a 400-mesh carbon-coated copper grid. The 

sample grids were kept at room temperature to evaporate ethanol.  

 

 

4.2.5.3. Fourier-Transform Infrared spectroscopy analysis  

 

 

Before FTIR analysis, the samples were mixed with potassium bromide (KBr) and 

pelletized. FT-IR spectra of HNT, CTS-HNT, ALG-HNT, CTS-HNT with esterase, and 

ALG-HNT with esterase were recorded on a JASCO FT-IR 4100 spectrometer (Jasco 

Inc., Easton, MD, USA) to examine functional groups. All spectra were scanned in the 

range of 4000-400 cm-1 at a resolution of 2 cm-1. 

 

 

4.2.5.4. Thermogravimetric analysis 

 

 

The thermal behavior of CTS-HNT with esterase and ALG-HNT with esterase was 

investigated using a Seteram thermogravimetric analyzer a temperature range that started 

at the room temperature and ended at 800ºC at a heating rate of 10 ºC/min under nitrogen 

atmosphere (20 mL/min). 

 

 

4.2.6. Degradation assay  

 

 

4.2.6.1. Assays with free esterase  

 

 

For the experiment on DBP and DEHP (100 mg/L) degradation, a reaction mixture             

(1 mL) containing 0.1 mL of free esterase solution (1 mg/mL), 0.1 mL of DBP/DEHP 

(1000 mg/L) in DMSO, 0.1 mL of Tween 80 (1%, v/v) and 0.7 mL of phosphate buffer 
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(0.5 mM, pH=7) was prepared. Tween 80 was used as a solubility agent to increase the 

solubility of DBP and DEHP in the solution. Under optimum conditions, the samples 

containing the reaction mixture were incubated at certain time intervals for 1 h and 

subsequently were collected. All samples were filtrated with a 0.22 µm PTFE syringe 

filter to remove particulate material from the samples before HPLC analysis. 

Subsequently, 1 M HCL (10% v/v) was added to the samples to stop the enzymatic 

reaction and the samples were stored at 4 ºC until the analysis.  

 

 

4.2.6.2. Assays with bionanocomposites  

 

 

Enzymatic experiments were conducted in two column systems filled with CTS-

HNT-EST and ALG-HNT-EST. 0.4 g of beads containing esterase were placed in the 

column. Initially, the batch experiments were performed by filling the column with DBP 

or DEHP solution with an initial concentration of 100 mg/L. 

For the continuous process, the systems were fed with the DBP solution with a 

concentration of 100 mg/L under different volumetric flows (0.015-0.045 mL/min). After 

DBP degradation experiments were completed using each bead with esterase, DEHP 

degradation experiments were performed under the same conditions. During continuous 

operation, samples were collected in the system to determine the enzyme and pollutants 

concentration. All samples were filtered through a 0.22 µm PTFE syringe filter to remove 

particulate material prior to High-Performance Liquid Chromatography (HPLC) analysis. 

To terminate the enzymatic reaction, 1 M HCL (10%, v/v) was added to the samples, 

which were then stored at 4 ºC in a fridge.  

 

 

4.2.6.3. Analysis of PAEs and their metabolites 

 

 

After degradation experiments, the quantification of DBP and DEHP was analyzed 

under a reversed-phase using HPLC Agilent 1260 Infinity connected to a DAD equipped 

with ZORBAX Eclipse XDB C-8 column (5 µm particle size, 150 mm x 4.6 mm i.d.). 
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The mobile phase consisting of acetonitrile:water (60:40, v/v) was used at a flow rate of 

1 mL/min for DBP analysis. As for DEHP analysis, the mobile phase composition 

(acetonitrile:water) in gradient elution was varied over time as follows: 0 to 3 min 80:20, 

3 to 9 min 95:5, 9 to 12 min 100:0, 12 to 22 min 80:20 and the flow rate was set at 0.5 

mL/min. For each injection, the volume taken from samples in DBP and DEHP analysis 

was 20 µL and 10 µL, respectively. The analysis was carried out together with a UV 

detector (224 nm) at room temperature. DBP and DEHP degradation metabolites were 

identified using a Bruker Elute LC system connected to a Trapped Ion-Mobility 

Spectrometry Time-of-Flight Mass Spectrometer (TIMS-TOF-MS) (Bruker Daltonics, 

Bremen Germany). Ionization was performed using electrospray (ES) source with a 

voltage of 3.5 kV applied to the needle and endplate offset of 500 V. Using both positive 

and negative scan modes, ES spectral data was obtained. The data were obtained using 

Bruker Otof Control Software version 5.1 and processed with the Data analysis software 

version 5.1 from Bruker Daltonics. 

 

 

4.3. Results and Discussion 

 

 

4.3.1. Assays with free enzymes 

 

 

4.3.1.1. Effect of the operational condition on the esterase activity 

 

 

In this study, an esterase obtained from Bacillus subtilis was selected to evaluate its 

efficiency in the removal of PAEs. Although it is a mesophilic enzyme, the effect of 

temperature on the enzyme activity was measured in a wide temperature range from 20 

ºC to 70 ºC and examined for a solution pH between 5 and 7. 

As shown in Figure 4.1, the activity of the esterase increased with the temperature 

rising to 30 ºC in the presence of pNPC-2 substrate. However, the increase above 40 ºC 

caused a sharp decrease in the activity of the esterase. These results are in accordance 

with the reported in the literature where it is noted that temperature above 30 ºC are likely 
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to cause a decrease in the activity of the enzyme (Fitter et al., 2001). Besides, the 

importance of pH on the enzyme activity was probed to be quite high at pH 7 compared 

to the more acidic investigated pH values. Therefore, the optimum temperature and pH 

for the esterase were determined to be 30 ºC and 7, respectively. Once the optimal 

operational conditions were evaluated the degradation capacity of the enzyme for two 

different PAEs (DEHP and DBP) was studied.  

 

 
Figure 4.1. Esterase activity under different conditions.  

 

 

4.3.1.2. Degradation assays 

 

 

Enzymatic degradation experiments of DBP and DEHP (100 mg/L) were performed  

using free esterase enzyme (1 mg/mL) under optimum conditions. Figure 4.2. shows the 

change of DBP and DEHP concentration over time in presence of the esterase. While the 

esterase was able to completely degrade DBP for 15 min, it could not exhibit the same 

degradation ability on DEHP within same time. At the end of 15 min, DEHP 
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concentration was approximately 80.13 mg/L. It is apparent from Figure 4.2. that the free 

esterase can degrade DEHP more slowly. It is known that PAEs with lower molecular 

weight such as DBP are more easily degraded compared to those with high molecular 

weight such as DEHP (Dulazi and Liu, 2011). Zhang et al. (2014) conducted a study on 

the degradation of different PAEs types using the esterase enzyme obtained from 

Sulfobacillus acidophilus DSM10332. They reported that six PAEs (Diethyl phthalate 

(DEP), Dipropyl phthalate (DPrP), DBP, Dipenthyl phthalate (DPeP), Dihexyl phthalate 

(DHP), and Benzyl butyl phthalate (BBP)) were completely degraded to their monoesters 

within 24 h, but two PAEs, namely DEHP and Dicyclohexyl (DCHP), could not be 

degraded in same period. Many studies have highlighted that the degradation rate of PAEs 

may decrease with the increase of the molecular weight (Ren et al., 2016). For this reason, 

the degradation of DEHP may take a longer time than that of DBP in this study. As can 

be seen from Figure 4.2, DEHP was completely degraded within 8 h in the presence of 

the esterase.  

 

 
Figure 4.2. Time-dependent DBP (▪) and DEHP(•) concentration changes in 

the presence of free esterase (1 mg/mL).  

 

 

4.3.2. Characterization of bionanocomposites 

 

 

The free enzyme proved to be a viable alternative for the treatment of PAEs. 

However, the enzyme’s resistance to changing environmental conditions and allowing its 

use in a continuous treatment system needs to be developed. This purpose can be achieved 
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by its immobilization in a suitable matrix. The immobilization of the enzyme in clay 

support such as HNT by crosslinking allows to achieve the anchoring of the enzyme, but 

for an application, in continuous treatment, the generation of a powder is discouraged by 

the operational problems generated in these treatment systems. Thus, the combination of 

the HNT with immobilized enzyme generating both CTS and ALG based beads was 

carried out. The enzyme immobilization efficiency of the esterase in CTS-HNT-EST and 

ALG-HNT-EST was evaluated attaining 89.2% and 95.2% efficiency (Eq. (1)) 

respectively. Moreover, the loss rate of enzyme activity in the immobilized process on 

CTS-HNT and ALG-HNT is 17.83% and 18.66%, respectively. The prepared 

bionanocomposites (CTS-HNT and ALG-HNT beads) were characterized in order to 

determine their morphological and chemical properties.  

The three-dimensional tubular structure of pure HNT and its surface was recognized 

in the SEM images (Figure D.1a). The length of the HNT is not uniform and ranges from 

0.4 to 1 µm. The diameter of HNT is more or less 30 nm and its outer surface is between 

70 and 100 nm. Additionally, its average wall thickness is approximately 10 nm. SEM 

images of CTS-HNT and ALG-HNT beads (Figure D.2a-d) before and after enzyme 

immobilization at different magnifications show that the beads containing HNT have a 

rough, dense, and compact structure. Similar observations have been reported in previous 

studies (Zhai et al., 2013; Hurmuzlu et al., 2021). Zhai et al. (2013) underlined that after 

modification of HNT with CTS, the surface of the CTS-HNT composite is rougher than 

that of pure HNT. The roughness of the surface increases the enzyme immobilization 

efficiency when creating a new surface on material for enzymes (Zhai et al., 2013). HNT 

in the beads is not visible, however, it can be seen that HNT was covered by CTS and 

ALG, respectively. Esterase immobilized on CTS-HNT and ALG-HNT formed new 

regions by partially reducing the roughness on the surfaces of the beads. On the other 

hand, esterase immobilization changed the surface morphology of the beads. 

Consequently, this implies that enzyme immobilization has been successfully performed.  

TEM images of the pure HNT revealed that the HNT has a hollow cylindrical 

structure with a transparent central area and two open ends (Figure D.1b). Before and 

after enzyme immobilization, TEM images of CTS-HNT and ALG-HNT beads were 

taken and the tube structure of HNT is visible on both beads (Figure D.2.e-h).  

After enzyme immobilization, the presence of esterase is observed in TEM images 

of CTS-HNT and ALG-HNT beads. There is a slight increase in the outer diameter of the 

nanotubes in the beads with esterase. Zhai et al. (2013) stated that the HNT with enzyme 
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is rougher and thicker than pure HNT. This result shows that the enzyme is loaded on 

CTS-HNT and ALG-HNT beads. 

The infrared spectrum of pure HNT shows the O-H stretching of water at 3696 cm-

1, and the OH deformation of water at 3625 cm-1. The sharp peak at 1033 cm-1 originated 

from in-plane Si-O-Si stretching vibration (Luo et al., 2010). The peaks correspond to the 

deformation vibrations of inner surface hydroxyl groups at 910 cm-1 and 693 cm-1. 

Besides, the peaks observed at 754 cm-1 and 540 cm-1 could be attributed to perpendicular 

stretching of Si-O and deformation of Al-O-Si, respectively (Luo et al., 2010). It can be 

observed that CTS-HNT samples (Figure D.3a) exhibited some new peaks at 1639 and 

1650 cm-1 (amide I) and 1529-1535 cm-1 (amide II) compared to pure HNT. The amide I 

(1630 cm-1) and amide II (1535 cm-1) bands are the two most prominent vibrational bands 

of the protein backbone (Jang et al., 2015). In addition, the spectra of CTS-HNT 

composite samples appear to contain characteristic peaks of both HNT and CTS. These 

results demonstrate that HNT has been successfully combined with CTS in this study. 

With the addition of GTA to CTS-HNT beads, three prominent peaks of GTA (1708, 

1654, and 1562 cm-1) are observed. After the immobilization of esterase, there is a small 

modification in the FT-IR spectrum of CTS-HNT-EST implying the immobilization of 

esterase.  

The FT-IR spectrum of ALG (Figure D.3b) contains a broad band centered at 

approximately 3250 cm-1 due to the stretching of hydroxyl groups. The band at 2900 cm-

1 is assigned to -CH2 groups. The two peaks at 1610 cm-1 and 1417 cm-1 arise due to the 

asymmetric and symmetric stretching modes of carboxylate salt groups (-COONa), 

respectively. The vibrations in the range of 1200 cm-1 and 1000 cm-1 come from the 

glycoside bonds in the polysaccharide (C-O-C stretching). The spectrum of EST 

crosslinked on ALG-HNT beads indicated the characteristic peaks of ALG, HNT, and 

EST. After the immobilization of enzymes, the intensity of the peak attributed to the 

asymmetric stretching of carboxylate salt groups decreased. This result implies the 

esterase has been successfully immobilized on the ALG-HNT beads. 

TGA results were determined for studying the degradation trend of the prepared 

beads (Figure D.4). The decomposition of protein under air flow shows a maximum mass 

loss between 300 ºC and 350 ºC (Duce et al., 2017). In addition, a shoulder is observed at 

245 ºC due to the polypeptide chain thermal decomposition of esterase (Duce et al., 2013). 

At 450 ºC and 650 ºC, esterase undergoes the decomposition of aggregates as well as the 

carbonizing and ashing of the hard residues of the protein (Duce et al., 2017). 
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Thermal degradation of CTS-HNT-EST and ALG-HNT-ESTis observed in two 

stages. In the first stage, the thermal degradation of CTS-HNT-EST in the range of 25 ºC 

and 100 ºC is caused by the loss of the physically adsorbed water molecules (Lisuzzo et 

al., 2020). As for ALG-HNT-EST, the weight loss between 70 ºC and 90 ºC can be 

attributed to the evaporation of loosely bound moisture. In the second stage, while 

degradation of CTS-HNT-EST, vaporization and elimination of volatile compounds 

occurred between 170 ºC and 500 ºC (Hurmuzlu et al., 2021). The reduction of ALG-

HNT-EST in the range of 190 ºC-280 ºC can be attributed to the evaporation of glycerol 

and the thermal degradation of biopolymer (Bhagyaraj and Krupa, 2020). As a result, the 

bionanocomposites obtained by immobilization of esterase on CTS-HNT and ALG-HNT 

beads significantly improved the thermal resistance of the enzyme.  

 

 

4.3.3. Batch degradation assays with bionanocomposites  

 

 

The use of enzymes on a large scale demands operational stability from the 

bionanocomposite as a key factor in the processes and also to decrease operational costs.  

Based on the promising previous results, the ability of the bionanocomposites for 

the degradation of DBP was ascertained in a batch system and the attained results are 

shown in Figure 4.3. A significant difference between them suggests that the enzyme is 

more available when CTS-HNT-EST was used with complete removal of the pollutant in 

only 1 h. The process is slower in ALG-HNT-EST attaining less than 70% of removal 

after 4 h.  

The good results achieved in the DBP degradation suggested that the system could 

be applied for the removal of a more complex compound such as DEHP and the study of 

the effect of the chain length in the biocomposites degradation of the pollutants was 

performed. According to the results, it can be assumed that a rapid degradation process 

occurs in the first hour, followed by a significant reduction in the degradation rate after 

the sixth hour. No complete degradation is achieved with any of the bionanocomposites, 

meaning that the length of the pollutant chain affects the treatment process. They present 

a higher degradation ability for PAEs with lower molecular weights. This is in accordance 
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with the reported in the literature by Dulazi and Liu (2011) who reported similar behavior 

for lipase immobilized in chitosan beads. 

As conclusion from the batch assays, it can be suggested that there are two plausible 

mechanisms involved in the process: (i) direct degradation by the immobilized enzyme 

and (ii) the combination of adsorption and degradation in the process. For this reason, the 

possible generation of metabolites during the treatment process was ascertained 

confirming the degradation process is taking place.  

The metabolites, generated during the degradation processes, were identified using 

LC-MS and the ratios of the compounds obtained by mass spectrometry were confirmed 

with the ratios of the same compounds in the literature (Figure D.5). DBP solution without 

enzyme was used as control sample in the analysis. Initially, DBP was identified and at 

the end of the degradation experiment in the presence of the esterase for 15 min. There 

was a signal showing the presence of phthalic anhydride (C8H4O3), which is a product 

formed due to the dehydration of PA. According to the literature, it is known that the 

biodegradation mechanism of PAEs begins with the hydrolyzation of the ester bond in 

the presence of esterase. PAE is converted to its monoesters and then to PA and 

corresponding alcohol (Wang and Gu, 2016). Lastly, the mineralization mechanism ends 

with the decomposition of PA and CO2 and/or CH4 by microorganisms (Staples et al., 

1997). Mono butyl phthalate (MBP), Dimethyl phthalate (DMP), and PA products have 

been also detected as intermediates in the actual degradation assays. Generally, butyl 

methyl phthalate (BMP), MBP, DMP, and PA are detected as the potential metabolites of 

DBP that occur via transesterification and/or de-esterification reaction in the presence of 

methanol (Kim and Lee, 2005; Ahn et al., 2006; Kumar et al., 2017). Kim and Lee (2005) 

conducted a study on the enzymatic degradation of DBP. They reported that BMP was 

the major metabolite to appear in DBP degradation conducted using the esterase. Fang et 

al. (2017) focused on the degradation of DBP using a bacterium (Enterobacter sp. T5) 

which was isolated from municipal solid waste. They underlined MBP and PA as major 

metabolites of DBP in the study. In a study by Fang et al. (2017), 1,2 benzenedicarboxylic 

acid, butyl methyl ester, DMP, and PA were among the metabolites detected as an 

indicator of DBP degradation. Wang et al. (2017) conducted a study on DBP degradation 

using a bacterial consortium (LV-1). They identified three major metabolites (MBP, 

monoethyl phthalate (MEP), and PA) at the end of DBP degradation experiments. In 

another study on DBP degradation, DBP was degraded to PA after the formation of MBP 

MEP, and monomethyl phthalate (MMP) (Ahuactzin-Perez et al., 2018). However, most 
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of the above-mentioned metabolites may not have appeared in this study due to the use 

of DMSO, an organic solvent to dissolve PAEs. This is because in the absence of 

methanol, PAEs undergo transformation only via the sequential hydrolysis of ester and 

the esterification of the carboxylic acid in the monoester forms does not occur (Okamoto 

et al., 2011). It is apparent from LC chromatograms that DBP was degraded to phthalic 

anhydride by esterase immobilized on CTS-HNT and ALG-HNT.  

 

 
(a) 

 
(b) 

 
Figure 4.3. Profile of concentrations of (a) DBP and (b) DEHP in their 

degradation by CTS-HNT-EST (▪)  and ALG-HNT-EST (•).  
 

 

Phthalic anhydride that appeared in the presence of free esterase during DBP 

degradation was also found in the presence of the esterase immobilized on CTS-HNT and 
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ALG-HNT beads. These results demonstrate that both free esterase and immobilized 

esterase degraded DBP to phthalic anhydride and imply that after immobilization, the 

esterase has the potential to be used as an effective degrader in long cycles without losing 

all of its characteristics. 

Similarly, DEHP as well as three degradation products, 1,3-isobenzofurandione 

(IBF), phthalic anhydride, and mono-2-ethylhexyl phthalate (MEHP), were identified 

when metabolites related to DEHP degradation were investigated. During this 

degradation process, DEHP was converted to IBF by diester hydrolysis. The formation 

of MEHP and PA was also reported as the result of enzymatic or bacterial degradation of 

DEHP (Saito et al., 2010). Besides, Fang et al. (2002) conducted a study on DEHP 

biodegradation using a bacterium (Pseudomonas fluorescens FS1) isolated from the 

activated sludge at a petrochemical factory. MEHP, benzene dicarboxylic acid, benzoic 

acid, and phenol were identified as the major metabolites of DEHP in the study. Yang et 

al. (2018) studied DEHP degradation using Rhodococcus ruber YC-YT1 and reported 

that DEHP was hydrolyzed to PA through the formation of MEHP. Subsequently, the 

bacterium converted PA to benzoic acid for cell proliferation in the study. DEHP 

metabolites which were defined based on the information compiled from the literature 

were also found in this study. The signal at 11.2 min observed in the chromatogram 

belongs to the polymer. When the chromatograms related to DBP and DEHP degradation 

are examined, the retention time of PA is different for each chromatogram. The reason 

for this is the use of different methods in LC-MS analysis of the two PAEs. While the 

immobilized esterase on CTS-HNT and ALG-HNT was able to degrade DEHP to phthalic 

anhydride, the free esterase enzyme was incubated in DEHP solution for 8 h, and it 

degraded DEHP to MEHP. It may be related to the steric hindrance of MEHP which has 

carboxyl groups inhibiting free enzymes to bind substrates (Liang et al., 2008). That is, 

the side chain of MEHP hampers the binding site of hydrolytic enzymes (Liang et al., 

2008; Singh et al., 2017). Therefore, the hydrolysis of MEHP is hindered and thus the 

hydrolysis of MEHP is hindered and thus the hydrolysis reaction is inhibited. There are 

some studies where the steric hindrance near the ester bonds inhibits the rate of 

hydrolysis. Singh et al. (2017) studied DMP and DEHP degradation using Arthrobacter 

sp. C21. They reported that the degradation efficiency of DMP (99.5%) was higher than 

that of DEHP (51.4%) and underlined that this is due to the steric hindrance caused by 

the side ester chain of DEHP.  
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(a) 

   

                                                        

(b) 

 

Figure 4.4. Pollutants removal of (a) DBP and (b) DEHP operating in 

continuous under different volumetric flows in the presence of 

the CTS-HNT-EST (green) and ALG-HNT-EST (brown). 

 

 

 4.3.4. Continuous degradation 

 

 

Once the efficiency of the degradation of the pollutants and their mineralization has  

been proved, the proposed treatments have been evaluated in a continuous flow system  

0.045 0.028 0.015

0

20

40

60

80

100

R
e

m
o
v
a

l 
(%

)

Volumetric flow (mL/min)

0.045 0.028 0.015

0

20

40

60

80

100

R
e

m
o
v
a

l 
(%

)

Volumetric flow (mL/min)



 
 

88 

  

for the removal of both pollutants (DBP and DEHP). 

 

 

4.3.4.1. Dibutyl phthalate bionanocomposite degradation  

 

 

Figure 4.4a shows the stationary DBP concentrations attained in continuous 

degradation experiments in the presence of the CTS-HNT-EST and ALG-HNT-EST 

bionanocomposites at different volumetric flows.  

Operating at a flow rate of 0.045 mL/min, it can be observed that the alginate 

bionanocomposite reduced DBP significantly until values close to 30 mg/L. However, 

the selection of chitosan bionanocomposite led to the complete removal of DBP. This fact 

can be due to differences in the enzyme activity. The chitosan bionanocomposite resulted 

in a lower loss of activity and, thus, higher degradation capability in comparison with 

alginate composite (ALG-HNT-EST) which lost two-folds the relative activity. The 

reduction of the volumetric flow to 0.030 mL/min (led to an improvement in the 

efficiency of the removal with ALG-HNT-EST attaining a DBP concentration value of 

21 mg/L and degradation level of around 80%. As can be expected according to the 

previous results, CTS-HNT-EST bionanocomposite was able to remove all the DBP. 

After the degradation tests were completed, it was observed that DBP was completely 

degraded in the presence of the CTS-HNT-EST bionanocomposite when the volumetric 

flask was still decreased (0.015 mL/min). However, no total degradation was detected for 

ALG-HNT-EST bionanocomposite with a concentration found to be 19.11 mg/L. This 

fact can be related to the enzymatic activity retained after the treatment. The degradation 

efficiency of DBP in the presence of ALG-HNT-EST at a flow rate of 0.045, 0.028, and 

0.015 mL/min was 70%, 80%, and 81%, respectively. Thus, reducing the volumetric flow 

prolonged the contact time of DBP with bionanocomposites. This fact may be the reason 

for the increased degradation efficiency of DBP in column experiments.  

Figure 4.5a shows the relative activity of the esterase crosslinked on the 

bionanocomposites. In all the evaluated flows, ALG-HNT-EST bionanocomposite 

presented a higher decrease in the enzyme activity with values 5% lower than the detected 

within CTS-HNT-EST bionanocomposite. At the end of the experiments, ALG-HNT-

EST retained 79% of its initial activity while CTS-HNT-EST retained over 85% of its 
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initial activity indicating that they have good operational stability operating in a 

continuous way. The values are in good agreement with the reported by Tercan et al. 

(2021) in the esterase entrapment using chitosan/calcium/alginate-blended beads with 

more than 70% of the enzyme activity after three subsequent cycles. Yoo et al. (2020) 

also reported good operational stability (70%) by using crosslinked enzyme aggregate 

(CLEA) for twenty cycles. Accordingly, at the end of DBP degradation experiments, the 

enzyme mass (%) on CTS-HNT and ALG-HNT was found to be 86.48% and 80.2%, 

respectively. 

 

                                                                                                       

(a) 

 

                                                                          

(b) 

 

Figure 4.5. (a) Relative activity of the esterase immobilized on CTS -HNT-

EST (▪) and ALG-HNT-EST (•) during the DBP degradation. (b) 

Relative activity of the esterase immobilized on CTS-HNT-EST 

and ALG-HNT-EST during the DEHP degradation. 
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4.3.4.2. Diethylhexyl phthalate bionanocomposite degradation 

 

 

The profiles of DEHP concentration during the treatment with the 

bionanocomposites at different flow rates in the presence of esterase immobilized on 

CTS-HNT-EST and ALG-HNT-EST beads are shown in Figure 4.4b.  

Similarly, and as reported in previous section, the bionanocomposite containing 

esterase immobilized on the CTS-HNT-EST presented the highest value of degradation, 

but no complete removal of DEHP was achieved (≈11 mg/L DEHP). The 

bionanocomposite of esterase immobilized on the ALG-HNT-EST was not able to 

completely degrade DEHP reaching a concentration of around 40 mg/L. It suggests that 

availability of the immobilized enzyme for the degradation of the PAEs and their 

complexity are key factors in the degradation process. The analysis of the morphology of 

bionanocomposites by SEM images (Figure D.2) could explain some of the causes of the 

different behavior being related to the distribution of HNT-EST in the composite. These 

images showed a higher availability of HNT containing enzyme on the surface of the CTS 

bionanocomposite in comparison with alginate and with a higher surface. Thus, when the 

volumetric flow was decreased and thus the residence time increased, DEHP 

concentration was found to be zero in the presence of CTS-HNT-EST bionanocomposite. 

The steady state was reached in all evaluated volumetric flows. Thus, the DEHP 

concentration was 27 mg/L for the column filled with ALG-HNT-EST bionanocomposite 

at 0.030 mL/min, while the value decreased 23.6 mg/L when a lower volumetric flow was 

chosen (0.015 mL/min). As well as the reduction of the compound, the relative activity 

during the treatment process is an important factor to consider (Figure 4.5b). At the end 

of the operation in continuous, CTS-HNT-EST bionanocomposite retained 81% of its 

initial activity, while ALG-HNT-EST bionanocomposite was able to maintain 

approximately 75% of its initial activity (Figure 4.5b). Moreover, the enzyme mass (%) 

on CTS-HNT and ALG-HNT was found to be 85.48% and 79.2%, respectively. This may 

be because an amino group of CTS that is unreacted with GTA in the immobilization with 

the crosslinking method can adsorb PAEs and their metabolites (Dulazi and Liu, 2011). 

In addition, although CTS-HNT beads did not break or deform, ALG-HNT beads 

showed deformations upon completion of the experiment. This may be related to alginate 

having fast swelling behavior. Throughout the experiment, the solution with PAEs 
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diffuses into the beads, thereby increasing the osmatic pressure inside the beads. The 

ALG-HNT beads may swell increasing their size, and eventually, the bead may collapse 

(Roquero et al., 2022). This may be the reason why ALG-HNT with esterase exhibits less 

degradation efficiency when compared to CTS-HNT with esterase.  

 

 

4.4. Conclusion 

 

 

Bionanocomposite beads based on esterase enzyme immobilized in halloysite 

nanotubes and natural polymers (chitosan and alginate) were successfully prepared and 

proved an improvement of the catalytic activity and other properties of the enzyme. The 

results demonstrated that they maintained their activity for a long period and the 

enzymatic degradability of PAEs is affected by the length of alkyl side chain in their 

structures. CTS-HNT-EST is a more effective and robust support material for the 

degradation of the pollutants in batch and continuous treatment. Both of them may act as 

strong candidates for the remediation of PAEs.  
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CHAPTER 5 

 

 

CHARACTERIZATION AND EXPRESSION OF 

RECOMBINANT THERMOALKALOPHILIC ESTERASE 

FROM GEOBACILLUS SP. AND PAES’ DEGRADATION 

 

 

5.1. Introduction 

 

 

Environmental pollution caused by human activity is currently a major issue on a 

global scale. Phthalic acid esters (PAEs), which are a group of synthetic chemicals, are 

pervasive environmental pollutants. They are frequently utilized as plasticizers on 

massive scales with the purpose of improving the flexibility and workability of plastic 

products. Additionally, they are used in many applications as additives in the production 

of adhesives, paints, varnishes, cardboard, cosmetics, and various other products. They 

have weak interactions with the plastic matrix therefore they have the potential to leach 

into the environment. Their low solubility in water causes them to remain stable in the 

environment for long periods of time (Vikelsoe et al., 2002; Huang et al., 2008). They 

can accumulate in the food chain and cause chronic health problems, endocrine 

disruption, and cancer (Hahladakis et al., 2018; Groh et al., 2019). Among all PAEs, 

particularly, dibutyl phthalate (DBP) and diethylhexyl phthalate (DEHP) are the most 

widely utilized and frequently encountered PAEs in the environment. These PAEs have 

been listed as top priority pollutants by both the European Union and US Environmental 

Protection Agency (USEPA). There is a pressing need to develop a feasible and efficient 

approach for the removal of PAEs from the environment to avoid the effects of PAEs on 

the environment and living organisms. Biodegradation has a significant role in the 

elimination of PAEs from contaminated sites, offering advantages such as high 

efficiency, cost-effectiveness, and environmental safety. Numerous bacteria capable of 

degrading PAEs have been isolated and identified (Chen et al., 2015; Tang et al., 2016). 

However, only a few had an application potential and an exceptional adaptability to 
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various environmental conditions (Ren et al., 2018). Many whole genomes of bacteria 

that break down PAEs have been sequenced and annotated due to advances in gene 

sequencing technology. As a result, a database for gene screening and functional gene 

identification has been formed to facilitate research on important metabolic enzymes. 

(Chen et al., 2021b). 

Enzymatic degradation has recently gained extensive attention as a method of 

removing PAEs. The esterase enzyme, which is a hydrolase enzyme, has an essential role 

in degrading PAEs. Previous studies indicated the esterases from Norcardia erythropolis 

(Kurane et al., 1980), Pseudomonas fluoresences FS1 (Zeng et al., 2004), Bacillus sp. 

K91 (Ding et al., 2015), Bacillus velezensis SYBC H47 (Huang et al., 2020), Fusarium 

sp. DMT53 (Luo et al., 2012), Gordonia strain (Huang et al., 2019) have the ability to 

degrade PAEs. To date, the majority of enzymes used in studies have been secreted from 

mesophilic organisms. Although they offer many advantages in applications, their use has 

been limited by their low stability under various conditions (temperature, pH, and ionic 

strength). Thus, there has been a growing interest in microorganisms that thrive in 

extreme environments. Enzymes from thermophilic microorganisms are of great interest 

in demanding industrial and biotechnological processes. High-temperature environments 

contaminated by PAEs are quite common. For instance, the temperature of the soil under 

a mulch film that widely contains PAEs can reach 50°C or higher during the summer. 

Another well-known method involves composting, which is frequently employed to treat 

pollutants found in both lagoons and activated sludges. The process is typically conducted 

at relatively high temperatures to maintain the efficiency of the reaction.  

Prior to this study, Geobacillus sp. had been isolated from Balçova (Agamemnon) 

Geothermal Region in İzmir, Turkey (Yavuz et al., 2004). Following this, its esterase-

producing gene was cloned in pET-28a (+) by Tekedar and Sanli-Mohamed (2011). In 

this study, the expression of recombinant enzyme in E. coli and its purification were 

performed. The obtained pure esterase with stability against the changes of pH and 

temperature was used to degrade PAEs with short (DBP) and long (DEHP) alkyl chains. 

The metabolites occurring as a result of degradation of these PAE congeners were 

examined.  
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5.2. Material and Method  

 

 

5.2.1. Materials 

 

 

DBP, DEHP, monobutyl phthalate (MBP), dimethyl phthalate (DMP), monoethyl 

hexyl phthalate (MEHP), and phthalic acid (PA) standard grades were supplied from 

Sigma Aldrich (USA). p-nitrophenyl acetate (pNPC-2) and tween-80 were purchased 

from Sigma-Aldrich. All other chemicals and solvents were of reagent grade. Bacterial 

cells were grown on solid and liquid Luria Bertani (LB) medium with kanamycin. DBP 

and DEHP stock solutions of 5,000 mg/L concentration were prepared in methanol. 

 

 

5.2.2. Enzyme preparation  

 

 

The strain in the glycerol stock stored at -86°C was streaked in an LB plate 

containing 30 µg/mL kanamycin and incubated at 37°C for 17 h. After the incubation, a 

single colony selected from the plates was inoculated overnight in 10 mL LB media 

containing 30 µg/mL kanamycin at 37°C, with constant shaking at 200 rpm. Then, the 

cultures were diluted (1:10) into 100 mL media and grown under the same conditions. At 

the point where the optical density (OD) of bacterial cultures reached about 1 at 600 nm 

corresponding to the mid-logarithmic phase, they were induced with the addition of 1mM 

IPTG, and their growth was allowed at 28°C, 200 rpm for 4 h more to express the esterase-

producing gene. Before and after the addition of IPTG, the samples were collected. The 

cultures were centrifuged at 8,000 rpm and 4°C for 10 minutes to remove the supernatant 

which was formed by cell precipitation. The obtained pellets were stored at -20°C until 

the purification process. The expression and purification of esterase were evaluated using 

sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE). 
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5.2.3. Recombinant esterase’ molecular mass  

 

 

An SDS-12% polyacrylamide gel was prepared according to the Laemmli Method 

(Laemmli, 1970). The gel contains 10% (w/v) SDS and 30% acrylamide mixture, 1.5 M 

Tris-HCI buffer (pH=8.8), 10% (w/v) ammonium persulfate and 

tetramethylethylenediamine (TEMED). During the preparation of the resolving gel, 

polymerization began with the addition of TEMED. The resolving mixture was poured 

into the thin gap between two glass plates and tertamyl alcohol was added to the resolving 

mixture in order to avoid bubble formation on the gel. The polymerization was achieved 

in 30 minutes. This step was followed by the preparation of stacking gel. After the 

preparation of stacking gel, the mixture was poured into the polymerized resolving gel, 

and a comb which had 10 holes was placed on the gel before the polymerization process. 

At the end of the polymerization of the stacking gel, the comb was removed from the top 

of the gel. The gel was placed in a tank filled with 1x Tris-Glycine-SDS run buffer. The 

protein samples were mixed with the sample buffer containing distilled water, 0.5 M Tris-

HCI at pH 6.8, glycerol, 10% SDS, mercaptoethanol, and 0.5 (w/v) bromophenol blue at 

a ratio of 4:1 (v/v). After that, all samples were heated at 100 ºC in a water bath for 10 

minutes. A protein molecular marker containing β-galactosidase (116.0 kDa), bovine 

serum albumin (68 kDa), ovalbumin (45 kDa), lactase dehydrogenase (35 kDa), rease 

Bsp 981 (25 kDa), and β-lactoglobulin (18.40 kDa) served as a reference. The samples 

and the molecular marker were loaded into the gel in the tank. Electrophoresis was 

performed with a vertical mini-gel system (Bio-Rad, mini protean Tetra) by applying 100 

volts for 2 h. Electrophoresis was finished at the point where the blue dye reached the 

bottom of the gel, and the gel was removed from the tank. It was washed with distilled 

water after the staining process. Then, it was placed in a destaining solution containing 

13% trichloroacetic acid, 5% methanol, and 82% distilled water. After the destaining 

process, the gel was washed with distilled water carefully and a photo of the gel was taken 

using a gel imaging system (Bio-Rad, Versadoc 4000 MP). 
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5.2.4. Affinity chromatography 

 

 

The frozen pellets were thawed and dissolved in 10x weight: volume of 50 mM 

sodium phosphate buffer at pH 7. Subsequently, the obtained samples were lysed by a 

sonicator (Bendelin UW 2070) for 5 min. To discard insoluble materials, the samples 

were centrifuged at 10,000 rpm for 30 min. The supernatant phase was retained for further 

purification. To purify the esterase protein, a His-tag Nickel Affinity Column with 2.5 x 

10 cm was used. Before the supernatant was loaded onto the column, the column was 

equilibrated with 50 mM sodium phosphate buffer at pH 7. This column was washed with 

100 mL sodium phosphate buffer containing 0.3 M NaCl to remove unbound protein and 

then elution of the esterase enzyme was performed using 250 mM imidazole in 50 mM 

phosphate buffer (pH=7) including 0.1 M NaCl. The eluted enzyme was fractioned as 20 

drops in each collection tube. The fractions collected from the column were analyzed by 

using a UV-vis spectrophotometer (Shimadzu 2600) at the wavelength of 280 nm to 

determine the approximate concentration of protein. The collected samples were pooled 

and dialyzed against a 0.5 mM phosphate buffer at pH 7 overnight to remove imidazole 

from the solution. Then, the success of the purification was examined using SDS–PAGE. 

After the purification, the obtained liquid enzyme was lyophilized under vacuum 

conditions for 24 h at -50ºC (Telstar Cryodos). 

 

 

5.2.5. Protein concentration and enzyme activity 

 

 

The protein content of the enzymes was determined using the Pierce BCA Protein 

Assay Kit (Thermofisher) according to the bicinchoninic acid (BCA) method. Bovine 

serum albumin (BSA) was used as a reference protein. Firstly, the reagent mixture was 

prepared by the addition of 10 mL of Reagent A and 200 µL of Reagent B. BSA stock (2 

mg/mL) in the ampule was used to prepare a set of diluted standards within the working 

range (0-2000 µg/mL). The assay was run on a 96-well U plate. 10 µL of the was added 

to the wells. Then, 200 µL of the reagent mixture was added to each well. To avoid light, 

the 96-well plate was covered with aluminum foil and incubated at 37.5ºC for 30 minutes. 
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The absorbances were measured spectrophotometrically at 562 nm as two replicates. A 

standard curve was created using the absorbance of the diluted BSA standards. 

Subsequently, the protein concentration of samples was determined using the calibration 

curve. 

To determine the enzyme’s optimal working conditions, various tests were 

conducted in different temperatures (25ºC-95ºC) and pH ranges (4-13). The enzyme 

activity was determined by hydrolysis of pNPC-2. The assay mixture (1 mL) consisted of 

0.8 mL phosphate buffer (0.1 M) at different pH values, 0.1 mL of 0.5 mM pNPC-2 

dissolved in acetonitrile, and 0.1 mL of enzyme solution (10 mg/mL). This mixture was 

incubated at different temperatures for 5 min. Afterwards, the absorbance of mixture was 

spectrophotometrically measured at 400 nm. Activity calculation was made according to 

the equation below (5.1).  

 

 

Enzyme activity (U/L) =
(Absorbance at 400 nm).(Vt).( DF)

(t ).(Ԑ)·(Ve)·(d)
                                            (5.1) 

 

 

Vt: total sample volume (mL), DF: Dilution factor, t: reaction time, Ɛ: p-nitrophenol 

molar extinction coefficient at 400 nm (17,215 M-1.cm-1), Ve: enzyme volume (mL), d: 

light path (1 cm).  

One unit of activity is defined as the amount of enzyme releasing 1.0 µmol of p-

nitrophenol per minute under optimal conditions using pNPC-2 as a substrate. The molar 

extinction coefficient of p-nitrophenol in the buffer system is 17,215 M-1cm-1. 

 

 

5.2.6. Kinetic parameters of enzyme 

 

 

The kinetic parameters, specifically the maximum rate (Vmax) and Michaelis-

Menten constant (Km), for the esterase enzyme were determined by assessing enzyme 

activity in the presence of pNPC-2 (0-400 mg/L). They were calculated using the 

Lineweaver Burk plots.  
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 Additionally, to determine the enzyme kinetics for the hydrolysis of DBP and 

DEHP, the enzyme (10 mg/1 mL) was incubated with various concentrations of DBP and 

DEHP (25-100 mg/L) for 1 h. After the incubation, enzyme activity was 

spectrophotometrically measured using pNPC-2 substrate at 55ºC. 

 

 

5.2.7. Enzymatic degradation experiments 

 

 

Firstly, 10 mg of lyophilized esterase was solved in 1 mL phosphate buffer (0.1 M, 

pH=8). DBP/DEHP solution with 1,000 mg/L was prepared in methanol. Then the 

enzyme solution was added to the reaction mixture (1 mL) containing the phosphate 

buffer, Tween-80 (%1, v/v) and DBP/DEHP solution. Degradation experiments were 

conducted during 168 h under the enzyme’s optimal conditions. 

 

 

5.2.8. Chromatographic analysis of PAEs 

 

 

After degradation experiments, the quantification of DBP and DEHP was 

investigated under a reversed-phase using an Agilent 1260 Infinity II LC system 

connected to a Diode Array Detector (DAD) equipped with an ODS-3 column (5 µm 

particle size, 250 mm x 4.6 mm i.d.) a RESTEC RAPTOR-C18 column (2.7 µm particle 

size, 100 mm x 4.6 mm i.d.), respectively. The mobile phase consisting of methanol:water 

(75:25, v/v) was used at a flow rate of 1 mL/min for DBP analysis. As for DEHP analysis, 

the mobile phase composition (acetonitrile:water) in gradient elution was varied over time 

as follows: 0 to 3 min 80:20, 3 to 9 min 95:5, 9 to 12 min 95:5, 12 to 18 min 100:0, 18 to 

23 min 60:40, 23 to 24 60:40, 24 to 26 80:20 and the flow rate was set at 0.7 mL/min. For 

each injection, the volume taken from samples in both DBP and DEHP analysis was 20 

µL. The analyses were carried out together with a UV detector (230 nm) at room 

temperature. 

The analysis of the PAEs’ degradation products was conducted using an Agilent 

Technology 1260 Infinity series high performance liquid chromatograph connected to an 
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accurate mass quadrupole time-of-flight 6550 iFunnel Q-TOF mass spectrometer 

equipped with a Jet Stream ion source. The analysis was conducted in positive mode over 

the range of m/z 50–950 (Agilent Technologies, Santa Clara, CA, USA). The 

chromatographic separation was carried out using a Poroshell 120 SB-C18 column 

(3.0×100 mm, particle size 2.7 μm) with a gradient mixture of 0.1% formic acid in water 

(A) and 0.1% formic acid in acetonitrile (B) at the flow rate of 0.4 mL/min. The gradient 

program was as follows: 0–1 min,40% B; 1–20 min, 40%–95% B; 20–27 min, 95% B; 

27-30 min, 40% B. The injection volume was 10 µL and column temperature was 

maintained at 40°C. Data acquisition was managed using Agilent MassHunter 

Acquisition Software Ver. A.09.00, and data processing was done with MassHunter 

Qualitative Software Ver. B.07.00. 

 

 

5.3. Results and discussion 

 

 

5.3.1. Expression and purification of esterase enzyme  

 

 

Before the enzyme purification process, an SDS-PAGE analysis was conducted to 

observe whether the esterase-producing gene in the pET28 (+) expression vector which 

was recombined to the BL21(DE3) E.coli host was induced by IPTG for the production 

of a 28 kDa esterase protein. The SDS bands of the protein in the samples before (1,2,3, 

and 5) and after IPTG addition (4 and 6) and marker (M) are shown in Figure 5.1a. Protein 

bands at 28 kDa were faintly visible prior to IPTG addition. However, after the addition 

of IPTG, the protein bands at 28 kDa belonging to the esterase enzyme could be seen very 

clearly. That is, this level of expression indicated that the major proteins in the induced 

cells were esterase. The purification process of the esterase was performed using His-tag 

nickel affinity chromatography to obtain a nearly homogenous protein. After the 

purification process, the fractions collected from the column were analyzed by using a 

UV-vis spectrophotometer. Then, an SDS-PAGE analysis was performed to evaluate the 

homogeneity of the esterase. It showed that the purification process had been carried out 

successfully (Figure 5.1b). 
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(a) 

 
(b) 

 
 

Figure 5.1. SDS-PAGE analysis of the collected fractions (a) before and (b) 

after purification step. 

 

 

5.3.2. Enzyme activity assay  

 

 

To determine the optimal pH value for the esterase enzyme, enzyme activity was 

measured in the presence of 0.1 M phosphate buffer at various pH values ranging from 4 

to 13 by an increment of 1. As can be seen in Figure 5.2a, while the enzyme activity was 

quite low at pH values below 7, no major changes were observed between 7 and 12 pH 

values. The pH value with the highest enzyme activity was determined to be 8. Like the 

esterase from Geobacillus sp., Sorghum bicolor esterase (Gasparin et al., 2020) and 

soybean esterase (De Barros and Macedo, 2011) which were alkaline enzymes exhibited 

highest activity at pH 8. 

To determine the optimum temperature for the esterase enzyme, the activity was 

measured at temperatures between 25ºC and 95ºC, and the results were shown in Figure 

5.2b. With the increasing temperature, the activity of the enzyme increased up to 55ºC in 

the presence of pNPC-2 substrate. There was no significant change in the enzyme activity 

between 55ºC and 75ºC. However, increases in temperature above 75ºC caused a decrease 

in the activities of the enzyme. That is, the enzyme could not maintain its three-

dimensional structure by thermal unfolding or thermal inactivation above 75ºC. 

Therefore, the optimum temperature for the activity of the esterase enzyme was 

determined to be 55ºC. 
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(a) 
   

(b) 

 

Figure 5.2. Esterase activity at different pH values (a) and temperatures (b).  

 

 

5.3.3. Enzyme kinetics 

 

 

The kinetic parameters for enzymatic hydrolysis of pNPC-2 were calculated using 

Lineweaver Burk plots (Figure 5.3). The Lineweaver-Burk plots exhibited a linear 

relationship (R2=0.986) across the range of concentrations tested. Vmax and Km of 

esterase with pNPC-2 as substrate were determined to be 35.98 µM/min and 0.684 µM. 

Km is a parameter that quantifies the affinity of an enzyme for a specific substrate. The 

Km and Vmax values obtained in this study may appear lower than those reported in the 

literature (Tekedar and Sanli-Mohamed, 2011; Mohammadi et al., 2020). Low Km and 

Vmax suggest stronger enzyme-substrate binding (Sudo, 1995; Saganuwan, 2021). 

Furthermore, a low Km means that only a small amount of the substrate is required to 

saturate the enzyme with high affinity for the substrate. This indicates that the esterase 

enzyme utilized in the study exhibits a high affinity for its substrate. 

Enzyme kinetics were calculated using the Lineweaver-Burk plot for the hydrolysis 

of DBP and DEHP by recombinant esterase (not shown). Vmax of enzymatic hydrolysis 

reaction for DBP and DEHP was determined to be 72.3 µM/min and 75.2 µM/min, 

respectively. For the enzymatic hydrolysis reaction of DBP and DEHP, the Km values 

were 3.1 µM and 3.4 µM, respectively. The Km value for DEHP was higher than that 

calculated for DBP. This means the affinity of the esterase enzyme for DBP was higher 

than that for DEHP. 
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Figure 5.3. Lineweaver Burk plot for pNPC-2 substrate hydrolysis with 

recombinant esterase. 

 

 

5.3.4. Degradation experiments 

 

 

The degradation experiments at different DBP and DEHP concentrations with 50 

and 100 mg/L in aqueous solution were performed in the presence of recombinant esterase 

for 48 h under the optimal conditions (Figure 5.4). The degradation efficiency of DBP 

with 50 and 100 mg/L in the presence of recombinant esterase for 48 h was determined 

to be approximately 27.6% ± 1.3 and 19.8% ±1, respectively. As for DEHP degradation 

experiment results, these values were found to be 12.2% ± 0.9 and 17.5% ± 0.98, 

respectively. Saito et al. (2010) studied DBP and DEHP (5 µmol) degradation by bovine 

pancreatic cholesterol esterase and reported conversion of DBP and DEHP into 

corresponding monoesters within 15 min. Zhang et al. (2014) performed the DBP and 

DEHP degradation experiments within Sulfobacillus acidophilus esterase. They observed 

that while the esterase enzyme degraded 100% of DBP within 1 h, it was not able to 

degrade DEHP within 24 h. Balci et al. (2022) conducted a study on the degradation of 

DBP and DEHP (100 mg/L) by Bacillus subtilis esterase. They reported that the esterase 

enzyme fully degraded DBP and DEHP with 100 mg/L for 0.25 h and 8 h, respectively. 

Sun et al. (2022a) reported that Rhizopus oryzae esterase was able to degrade 95% of 

DBP (1 mg/L) and 85% of DEHP (1 mg/L). Compared to the findings in the literature, 
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recombinant esterase was not able to display the high performance on DBP and DEHP 

degradation. However, given enzyme dosage and PAE concentrations, these degradation 

rates can be considered to be normal. 

 

 
 

Figure 5.4. Degradation efficiency of DBP and DEHP with 50 and 100 mg/L 

in aqueous solution in the presence of recombinant esterase for 

48h. 

 

 

Decreasing the concentration and extending the degradation time up to 168 h during 

the degradation of the congeners resulted in 40% and 30% degradation of DBP and 

DEHP, respectively (Figure 5.5). The esterase enzyme exhibited a notable degradation 

performance in the degradation of PAEs with a concentration of 25 mg/L compared to 

high PAEs concentrations. It is noteworthy that the esterase demonstrated a higher 

performance in degrading DBP (a PAE with short-chain) than it did in degrading DEHP 

(a PAE with long-chain). When compared to PAEs with short alkyl side chains, it is more 

difficult for PAEs with long alkyl side chains to bind with enzyme active sites. This fact 

is due to steric hindrance of PAEs with long alkyl side chains (Rivera-Hoyos et al., 2013). 

The catalytic degradation of PAEs by esterase typically relies on the length of the alkyl 

side chain of PAEs and their molecular configurations. 
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Figure 5.5. Degradation efficiency of DBP and DEHP with 25 mg/L in the 

presence of recombinant esterase for 168 h. 

 

 

5.3.5. Degradation products of PAEs 

 

 

PAEs are typically degraded by enzymes initially into monoesters and 

subsequently into phthalic acid (PA). DBP and DEHP degradation products at the end of 

168 h were identified by taking into account the mass spectra (m/z) of potential products 

at a particular retention time (RT) in the literature. In LC-MS analysis, DBP and DEHP 

solutions containing no enzyme were used as the control samples. The m/z ratio for DBP 

and DEHP was 279.15 (RT 8.5 min) and 391 (RT 11.5 min), respectively (Figures 5.6a 

and 5.7a). As seen from Figures 5.6b and 5.7b, the recombinant esterase degraded DBP 

to MBP (m/z 222, RT 7.7 min) and DEHP to MEHP (m/z 277, RT 8.7 min). Although it 

specifically hydrolyzed DBP and DEHP to their corresponding monoalkyl PAEs, it was 

not able to monoalkyl PAEs hydrolyze to PA which is a main metabolite in the 

biodegradation of PAEs. Only one of the ester bonds can be hydrolyzed by the majority 

of esterases (Akita et al., 2001; Maruyama et al., 2005; Ding et al., 2015). In a study 

conducted by Niazi et al. (2005), Bacillus sp. esterase degraded DMP up to monomethyl 

phthalate (MMP) without further degradation step. Saito et al. (2010) underlined that 

Bovine pancreatic cholesterol esterase degraded DBP and DEHP up to monoalkyl PAEs. 

Similarly, Luo et al. (2012) reported that Fusarium sp. DMT 5-3 esterase degraded only 
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dimethyl terephthalate (DMT) to monomethyl terephthalate (MMT). The esterase could 

only break down the initial carboxylic ester bond of DMT and did not possess the 

capability to hydrolyze the second bond. Balci et al. (2022) underlined that Bacillus 

subtilis esterase fully degrade DBP and DEHP to phthalic anhydride. It was obvious that 

esterases are a group of enzymes with diverse roles in the cleavage of carboxylic ester 

linkages of PAEs. In addition to all these, the recombinant enzyme from Geobacillus sp. 

is a soil-derived enzyme. For this reason, it may not have exhibited a high performance 

in the PAE congeners’ degradation experiments carried out in aqueous media. 

 

 

 
(a) 

 
(b) 

 

Figure 5.6. LC-MS chromatogram of the samples before (a) and after DBP 

degradation experiments in the presence of recombinant esterase 

(b). 
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(a) 

 
(b) 

 

Figure 5.7. LC-MS chromatogram of the samples before (a) and after DEHP 

degradation experiments in the presence of recombinant esterase 

(b). 

 

 

5.4. Conclusion 

 

 

This study investigated the DBP and DEHP degradation performance of the 

thermoalkalophilic recombinant esterase. The esterase partially degraded DBP, whereas 

it had little effect on DEHP degradation. The degradability of PAE congeners showed a 

negative correlation with the length of the alkyl chain. Generally, although recombinant 

esterase was generally unable to completely degrade PAEs, it exhibited a notable 

degradation performance. In future studies, mutation strategy and promoter engineering 

can be combined to provide a basis for improving the enzyme's activity and enhancing its 

degradation ability, subsequently being used efficiently in applications. Furthermore, the 

degradation performance of this enzyme could potentially be enhanced through the 

presence of ions and agents known to positively influence enzyme activity. This could 

potentially expand the applications of this enzyme in agriculture, biotechnology, the 

treatment of pollutants as well as various industries. 
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CHAPTER 6 

 

 

ENZYME-MEDIATED DEGRADATION OF PHTHALATE 

ESTERS IN SOIL 

 

 

6.1. Introduction 

 

 

Phthalate esters (PAEs) are frequently used in the production of plastics to increase 

plastics’ flexibility and robustness. Due to the widespread usage of plastics, PAEs have 

been found in numerous industrial, residential, and even agricultural regions all over the 

world. Today, as global plastic production exceeds 150 million tons each year, the annual 

consumption of PAEs is estimated to be over 8 million metric tons in the world (Weizhen 

et al., 2020). Due to their widespread use and resulting environmental impacts, PAEs 

have been detected in all environmental media, including soil, sediment, water, and even 

air. Owing to their high hydrophobicity which leads to their strong binding affinity to the 

organic matter in the soil, PAE contamination is primarily observed in soil (Wei et al., 

2020). PAEs that are loosely attached to plastics are easily released into the environment 

and subsequently, they have an impact on the soil ecosystem under the effect of UV 

radiation, temperature, oxygen content, soil acidity and alkalinity, and the presence of 

soluble organic matter (Chen et al., 2021b). The major source of soil PAEs is mostly the 

excessive use of agricultural chemicals (e.g., pesticides, fertilizers, and plastic mulch 

film), leachate from landfills, and sewage and wastewater irrigation. Among these 

sources, the employment of plastic mulch film for the cultivation of vegetables is usually 

considered to be the main contributor (Bai et al., 2020). Residential activities have the 

potential to generate urban dust, which can lead to soil contamination through the process 

of deposition. Both dry and wet deposition mechanisms play a role in the contamination 

of soil with PAEs, particularly in areas with a high level of industrialization (Wu et al., 

2015). PAEs can exhibit long half-lives in soil under natural conditions, ranging from 3 

to 2,000 years (Gao and Wen, 2016). PAEs in soil can be absorbed by plants and 
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accumulate in their tissues. This accumulation has the potential to adversely affect the 

quality of crops, including vegetables in various ways and thereby entering the food chain. 

Because of the bioaccumulation of PAEs, humans are primarily exposed to them through 

food consumption. This exposure can potentially lead to endocrine disruption, metabolic 

disorders, and reproductive toxicity (Schettler, 2006; Wang et al., 2023). Prolonged 

exposure to PAEs, even at low levels, can have teratogenic, mutagenic, and carcinogenic 

effects on humans. Consequently, the U.S. Environmental Protection Agency (EPA) has 

identified six major PAEs as priority pollutants that require regulation and monitoring 

(Deblonde et al., 2011). Considering their detrimental effects on the environment and 

living organisms, it is crucial to eliminate PAEs from all environmental media in eco-

friendly ways.  

The elimination of PAEs from the environment can be accomplished through 

various methods including physical-chemical degradation, advanced oxidation processes, 

and biodegradation. Among these methods, biological degradation is a prominent 

approach due to its environmental friendliness and cost-effectiveness. Importantly, it does 

not harm soil fertility or ecological functions (Gong et al., 2012). Numerous studies have 

been conducted on the biodegradation of PAEs in soil using various bacterial strains 

(Chao and Cheng 2007; Hu et al., 2022). Microorganisms capable of degrading PAEs 

become gradually acclimated in soils contaminated by PAEs over extended periods, and 

these bacteria can act either individually or in groups based on their tolerance to PAEs 

and their degradation capabilities (Chen et al., 2021b). While many strains capable of 

degrading PAEs have been isolated and characterized from various environmental 

sources, only a few of them possess the ability for complete degradation, exhibit strong 

environmental adaptability, and show potential for practical applications. Hydrolase 

enzymes secreted by these strains have a major role for PAEs degradation in 

environmental media. However, there is limited information available regarding the 

selectivity and specificity of the biodegradation of PAEs in the presence of various 

enzymes. The lack of information in this area hinders the establishment of application 

parameters for the use of free enzymes in the remediation of soils contaminated by PAEs. 

In this study, two soil samples with different characteristics were collected from an 

agricultural area and a forest area. The presence of the dibutyl phthalate (DBP) and 

diethylhexyl phthalate (DEHP) in the soil, which are the most common PAEs in the 

environment, was investigated. To evaluate the effect of PAEs’ chemical structures on 

specificity and selectivity of enzymes, the degradation experiments of DBP (PAEs with 



 
 

109 

  

a short alkyl side chain) and DEHP (PAEs with a long alkyl side chain) in soils were 

conducted in the presence of Bacillus subtilis esterase and recombinant esterase expressed 

from E.coli strains which have esterase-producing gene of  Geobacillus sp. isolated from 

Balçova Geothermal region. Furthermore, the degradation time, enzyme activity, and soil 

characteristics were investigated in enzymatic bioremediation experiments. 

 

 

6.2. Material and Method 

 

 

6.2.1. Materials 

 

 

Bacillus subtilis esterase (EC 3.1.1.1; ≥10 U/mg) was obtained from Sigma-

Aldrich. DBP (>99% purity), DEHP (>99% purity), methanol (99.8% ACS reagent), and 

p-nitrophenyl acetate (pNPC-2, esterase substrate >98%) were purchased from Sigma-

Aldrich. Other chemicals were of laboratory reagent grade and used without any further 

purification. Deionized water was prepared using a Milli-Q Plus water purification 

process (Millipore Corp, Molsheim, France). The enzyme solutions were freshly prepared 

in phosphate buffer solution (0.1 M, pH=7 and 8) before all enzymatic remediation 

experiments. 

 

 

6.2.2. Enzyme preparation  

 

 

Thermoalkalophilic esterase from Geobacillus sp. had been isolated from Balçova 

(Agamemnon) Geothermal Region in İzmir, Turkey by Yavuz et al., 2004. Subsequently, 

its esterase-producing gene was cloned in pET-28a (+) by Tekedar and Sanli-Mohamed 

(2011). In this study, the expression of recombinant enzyme in E.coli and purification 

were performed according to a procedure reported by Tekedar and Sanli-Mohamed 

(2011). The obtained purified esterase enzyme was lyophilized under vacuum conditions 

for 24 h at -50 ºC (Telstar Cryodos). Before degradation experiments, enzyme solutions 
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containing Bacillus subtilis esterase and recombinant esterase (Geobacillus sp. esterase) 

were dissolved in phosphate buffer (0.1 M) at pH=7 and pH=8, respectively. 

 

 

6.2.3. Enzyme activity and protein concentration 

 

 

The enzyme activity for the esterases was determined by hydrolysis of pNPC-2 

according to the procedure reported by Tekedar and Sanli-Mohamed (2011). The assay 

mixture (1 mL) consisted of 0.8 mL phosphate buffer (0.1 M, pH 7), 0.1 mL of 0.5 mM 

pNPC-2 dissolved in acetonitrile, and 0.1 mL of enzyme solution (1 mg/mL). This 

solution was incubated at optimum temperature for 5 min and then used to determine the 

catalytic activity. The absorbance was spectrophotometrically measured at 400 nm. After 

the measurement of the absorbance, the activity calculation will be made according to the 

following equation (1). 

The protein concentration of the enzymes was determined using the Pierce BCA 

Protein Assay Kit (Thermofisher) according to the bicinchoninic acid (BCA) assay. 

Bovine serum albumin (BSA) was used as a standard protein. A standard calibration curve 

was constructed using BSA protein. 

 

 

6.2.4. Sequence Analysis 

 

 

The precise amino acid sequences of the esterases produced by Geobacillus sp. 

(Q06174) and Bacillus subtilis (O32232) were compared by obtaining from the protein 

databases at UniProt using the respective accession numbers. Sequence similarity 

searches were carried out using the Basic Local Alignment Search Tool (BLAST) 

program from the National Center for Biotechnology Information (NCBI) and the Clustal 

Omega (Clustal 0(1.2.4)) program provided by the European Bioinformatics Institute. 

Using the ScanProsite tool, the binding characteristics of the active site for enzymes were 

examined. 
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6.2.5. Experimental soil samples  

 

 

Two typical sites were selected for soil sampling. The soil samples were taken from 

the top layer (0-20 cm) of the agricultural area (soil 1, 38° 19ı 42.8ıı N, 26° 55ı 23.5ıı E) 

where almonds are cultivated and the forest area (soil 2, 38° 18ı 49.1ıı N, 26° 39ı 49ıı E) 

where pine trees are present. The samples were collected as composite samples in an area 

of 100 m2. They were mixed and sieved with a 2 mm mesh screen to remove plant residues 

and large particles. Afterward, they were incubated at 28°C for two days before the 

physico-chemical analyses were carried out. The background concentration of the soil 

was analyzed and no PAE congeners were detected in the soil samples. 

The concentration of PAEs in the soil is related to soil physicochemical properties 

and soil microorganisms (Zhou et al., 2020). According to the spatial distribution data of 

soils in the literature, there were notable regional differences in the PAEs contamination 

of soils (Gennaro et al., 2005; Chai et al., 2014). Soil chemical properties such as pH, 

humidity, and total organic carbon (TOC) affect the adsorption and degradation behavior 

of organic pollutants in soil (Zeng et al., 2008; Wang et al., 2015b). The adsorption of 

PAEs to soil may be impacted by the TOC concentration of the soil (Yang et al., 2013). 

The relationship between PAEs and pH is still a controversial issue. An et al. (2010) 

revealed that pH has an effect on the adsorption of PAEs to soil organic matter. Yang et 

al. (2013) reported that increases in pH lead to a decrease in the sorption capacity of DEP 

and DMP. However, Zhou et al. (2020) did not find any correlation between pH and 

PAEs. In this study, soil samples with different characteristics were studied to determine 

whether the physicochemical properties of the soil influence the enzymatic degradation 

of PAE congeners (Table 6.1).  

The pH of the soils was measured by mixing and vortexing the soil with distilled 

water at a ratio of 1:5 (w:v) (Li et al., 2016). The electrical conductivity of the soil was 

determined using Hach HQD portable meter. Total organic carbon content was 

determined using a TOC analyzer (Shimadzu TOC-VCPH). The concentrations of Na+, 

K+, Ca2+, Mg2+, Fe2+, and Al3+ cations were determined using ICP-OES according to 

standard methods. 
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Table 6.1. Characteristics of soil 1 and soil 2. 

 

Measured parameters Soil 1 Soil 2 

pH 6.5 8.3 

Electrical conductivity (dS/m) 14.3 8.4 

Total organic carbon (mg/g) 28.1 2.4 

Na+ (mg/L) 57.7 57.3 

K+ (mg/L) 64.6 55.2 

Ca+2 (mg/L) 791 1,918 

Mg+2 (mg/L) 103.3 97.9 

Fe+3 (mg/L) 3.8 1.4 

Al+3 (mg/L) 7 27.5 

 

 

6.2.6. Enzymatic degradation of contaminated soil with PAEs  

 

 

The soils were intentionally contaminated with DBP and DEHP. Laboratory batch 

experiments were performed with contaminated soil in water suspension (soil slurry 

system). DBP and DEHP stock solutions (3,000 mg/L) were prepared in methanol 

separately. They were stored in the amber glass at -4 ºC before use. 5 grams of the soils 

were taken in an amber glass (40 mL) and sterilized using an autoclave at 121ºC for 1 h 

(Singh et al., 2017). The sterilized soils were contaminated with 100 µL of DBP or DEHP 

stock solutions (3,000 ppm). 1 mg of Bacillus subtilis esterase and 10 mg of recombinant 

esterase were dissolved in 3 mL of phosphate buffer (0.1 M) prepared at pH 7 and pH 8, 

respectively. While determining the amount of enzymes to be added to the soil, care was 

taken to ensure that the specific activities of the enzymes were approximately the same. 

The soils were incubated with the enzymes at 0.25 h, 1 h, 2 h, 4 h, 8 h, 24 h, 48 h, 72 h, 

96 h, and 168 h. A control test was performed under the same conditions, but without 

adding any enzymes, in order to observe how efficiently PAEs degraded in the presence 

of enzymes. During degradation experiments, the soil moisture was maintained using 
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sterilized distilled water. At certain time intervals, samples were collected, and the 

enzymatic reaction was terminated by adding the 1 N HCI (10%, v/v).  

 

 

6.2.7. Sample extraction 

 

 

Three different solvents (Ethyl acetate, Acetone: n-Hexane (ACN:HXN=1:1, v/v), 

and Dichloromethane (DCM)) were tested to determine the most suitable solvent for the 

extraction of DBP and DEHP from the soils. DBP and DEHP were spiked in the soils. 

Extraction efficiency was calculated as the percentage of extraction recovery based on 

the HPLC peak areas.  

After the enzymatic degradation experiments, the soils were ultrasonically 

extracted three times with 10 mL of the solvent with a best extraction efficiency and 

centrifuged. 

The clear supernatants were combined and concentrated using a rotary evaporator 

at 40°C and finally transferred into acetonitrile (1 mL). The samples were filtered through 

a 0.22 µm PTFE syringe filter to remove particulate material prior to High-Performance 

Liquid Chromatography (HPLC) analysis. Then, the samples were stored at 4°C until 

HPLC analysis. 

 

 

6.2.8. Analysis of PAEs  

 

 

 The quantification of DBP and DEHP was investigated under a reversed-phase 

using an Agilent 1260 Infinity II LC system connected to a Diode Array Detector (DAD) 

equipped with an ODS-3 column (5 µm particle size, 250 mm x 4.6 mm i.d.) a RESTEC 

RAPTOR-C18 column (2.7 µm particle size, 100 mm x 4.6 mm i.d.), respectively. The 

mobile phase consisting of methanol:water (75:25, v/v) was used at a flow rate of 1 

mL/min for DBP analysis. As for DEHP analysis, the mobile phase composition 

(acetonitrile:water) in gradient elution was varied over time as follows: 0 to 3 min 80:20, 

3 to 9 min 95:5, 9 to 12 min 95:5, 12 to 18 min 100:0, 18 to 23 min 60:40, 23 to 24 60:40, 
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24 to 26 80:20 and the flow rate was set at 0.7 mL/min. For each injection, the volume 

taken from samples in both DBP and DEHP analysis was 20 µL. The analyses were 

carried out together with a UV detector (230 nm) at room temperature. 

 

 

6.2.9. Degradation products 

 

 

To identify the products resulting from enzymatic degradation of DBP and DEHP, 

an Agilent Technologies 1260 Infinity series high performance liquid chromatograph 

coupled with an accurate mass quadrupole time-of-flight 6550 iFunnel Q-TOF mass 

spectrometer. Jet Stream ion source was operated in positive scan mode over the range of 

m/z 50–950 (Agilent Technologies, Santa Clara, CA, USA). For the chromatographic 

separation, a Poroshell 120 SB-C18 column (3.0×100 mm, particle size 2.7 μm) was used 

with a gradient mixture of 0.1% formic acid in water (A) and 0.1% formic acid in 

acetonitrile (B) at a flow rate of 0.4 mL/min. The gradient program included 0–1 min, 

40% B; 1–20 min, 40%–95% B; 20–27 min, 95% B; 27–30 min, 40% B. The temperature 

of the column was kept at 40°C, and the injection volume was 10 µL. Agilent MassHunter 

Acquisition Software Ver. A.09.00 was used to control data acquisition, and MassHunter 

Qualitative Software Ver. B.07.00 was used for data processing. 

 

 

6.3. Results and Discussion 

 

 

6.3.1. Enzyme assays 

 

 

optimum conditions of pH 8 and temperature 55ºC for recombinant esterase, 

enzyme activity was measured as 650 U/L in the presence of 0.5 mM pNPC-2 as substrate. 

As for Bacillus subtilis esterase, the activity at pH 7 and 30ºC was found to be 550 U/L. 

Based on the protein concentration calculations, the specific enzyme activity for 
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recombinant esterase and Bacillus subtilis esterase were calculated to be 9.84 U/mg and 

27.5 U/mg.  

 

 

6.3.2. Kinetic parameters 

 

Lineweaver Burk plots were used to calculate the kinetic parameters of the 

recombinant esterase and Bacillus subtilis esterase (data not shown) based on the original 

substrate of enzymes. Each enzyme had a simple Michaelis-Menten kinetics. Over the 

investigated concentration range, Lineweaver Burk plots demonstrated a linear response. 

When the Km and Vmax of Bacillus subtilis esterase were 0.673 µM and 35.461 µM/min, 

respectively, these values of the recombinant esterase composite were determined to be 

0.684 µM and 35.98 µM/min, respectively. These slight differences can be attributed to 

the structural changes in enzymes affecting the enzyme-substrate binding (Gulay and 

Sanli-Mohamed, 2012). Generally, the Km and Vmax values of both enzymes were low 

compared to the values in the literature (Tekedar and Sanli-Mohamed, 2011; Mohammadi 

et al., 2020). Indeed, low Km and Vmax values demonstrated a robust interaction between 

the enzymes and their substrate (Sudo, 1995; Saganuwan, 2021). As a result, the esterase 

enzymes had a high affinity for their substrate. 

 

 

6.3.3. Optimization of the solvent extraction  

 

 

The best solvent for the extraction of DBP and DEHP from soils were determined 

to be ethyl acetate as shown in Figures 6.1 and 6.2. While the extraction recovery for DBP 

from soil 1 with ethyl acetate, ACN:HXN, and DCM was 95% ± 6.4, 45% ± 7, and 62% 

± 9 respectively, that from soil 2 was 96% ± 4.6, 58% ± 2.1, and 65% ± 4.9, respectively. 

As for the extraction efficiency of DEHP from the soil, it was found to be 88% ± 6.3, 

32.3% ± 5.9, and 64.7 ± 3.8 in the presence of ethyl acetate, ACN:HXN, and DCM from 

soil 1, respectively. This efficiency from soil 2 in the presence of the same solvents was 

94.6% ± 5.7, 43.7% ± 7.8, and 64.2% ± 5.4, respectively. Zhang et al. (2020) used ethyl 
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acetate as a solvent to extract DEHP from the soil. Similarly, Pietrogrande et al. (2003) 

highlighted that ethyl acetate was the best solvent for the extraction of PAEs. 

 

 
(a) 

 
(b) 

 

Figure 6.1. Effect of different solvents on extraction efficiency of DBP from  

soil 1 (a) and soil 2 (b).  

 

 
          (a) 

 
       (b) 

 

Figure 6.2.  Effect of different solvents on extraction efficiency of DEHP 

from soil 1 (a) and soil 2 (b).  
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6.3.4. Enzymatic degradation in soil 

 

 

Before the degradation experiments, the presence of PAEs in the soil was 

investigated and no residue of PAEs was found in either soil. The degradation 

experiments of DBP and DEHP with 100 mg/L added in the soil by Bacillus subtilis 

esterase and recombinant esterase were performed under optimum conditions for 168 h. 

Figures 6.3 and 6.4 demonstrate the degradation efficiency of DBP and DEHP in both 

soil in the presence of esterase enzymes, respectively. Continuous decreases in the 

concentration of DBP and DEHP were observed throughout the entire incubation period 

in the presence of esterase enzymes. The data in Figure 6.3 indicated that while Bacillus 

subtilis esterase completely degraded DBP in soil 1 and soil 2 within 72 h, recombinant 

esterase could degrade 50% and 82% of DBP in soil 1 and soil 2, respectively, at the end 

of 168 h. As seen in Figure 6.4, while the esterase enzymes degraded almost 35% of 

DEHP in soil 1, they could degrade approximately 38% of DEHP in soil 2. That is, both 

esterase enzymes could not fully degrade DEHP in soil 1 and soil 2. Sun et al. (2022a) 

reported that when carboxylesterase from Rhizopus oryzae could degrade almost 85% of 

DBP with 1 mg/L in soil within 168 h, it was able degrade approximately 35% of DEHP 

(1 mg/L) in soil for same duration. Compared to the literature, at higher DBP and DEHP 

concentrations as Bacillus subtilis esterase and recombinant esterase exhibited similar or 

higher degradation efficiency. 

 

 
(a) 

 
(b) 

 
Figure 6.3. Degradation efficiency of DBP in (a) soil 1 and (b) soil 2 by 

Bacillus subtilis esterase and recombinant esterase.  
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Comparing the enzymatic degradation efficiencies for DBP and DEHP at the same 

concentration in both soils, both esterase enzymes effectively degraded DBP in soil 2. It 

is obvious that the characteristic properties of both soils have effects on the enzyme 

activity in this study. The activity of enzymes is generally affected by various factors such 

as temperature, humidity, metal ions, nutrient availability, pH, and the content of organic 

matter etc. (Bueis et al., 2018). Tekedar and Sanli Mohamed (2011) investigated the effect 

of the ions on the activity of the recombinant esterase. They noted that while Ca+2 and 

Zn+2 and Na+ positively affected the activity, in the presence of other ions (Mg+2, Mn+2, 

K+, Fe+3), esterase activity was inhibited at a low rate. Rao et al. (2013) reported that 

metal ions (Co+2, Ni+2, and Fe+3) have minor inhibition effects on the activity of esterase 

from Bacillus pseudofirmus OF4, while the original activity of enzyme reached 109% and 

114% in the presence of Ca+2 and Mg+2, respectively. Soil 1 and soil 2 used in this study 

contain many soil ions such as K+, Na+, Ca+2, Mg+2, Fe+3, and Al+3. The results of the 

remediation experiments indicated that ions present in the soil can have a noticeable 

impact on the enzyme activity. For this reason, the degradation efficiency of PAEs in soil 

2 was higher than that in soil 1. 

 

 
(a) 

 
(b) 

 
Figure 6.4. Degradation efficiency of DEHP in (a) soil 1 and (b) soil 2 by   

Bacillus subtilis esterase and recombinant esterase.  

  

 

Esterase enzyme displays a higher substrate specificity for short and medium-chain 

fatty acid residues (C≤12) (Fojan et al., 2000; Samoylova et al., 2018; Ding et al., 2022). 

Additionally, PAEs with short alkyl side chains such as DMP, DBP, and DEP were most 

easily degradable among other PAE congeners (Sun et al., 2022a). PAEs with long chains 
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(DiNP, DnOP, DEHP) and those with benzene ring side chains (BBP) are very difficult 

to degrade due to steric hindrance (Liang et al., 2008; Ren et al., 2016). Different PAE 

isomers exhibit different rates of biodegradation, and phthalate hydrolyzing enzymes are 

structurally specific (Liang et al., 2008). Zhang et al. (2014) performed a study on the 

degradation of different PAEs types in the presence of the esterase enzyme from 

Sulfobacillus acidophilus DSM10332. They reported that six PAEs (diethyl phthalate 

(DEP), dipropyl phthalate (DPrP), DBP, dipenthyl phthalate (DPeP), diphenyl phthalate 

(DHP), and BBP) were completely degraded to their phthalate monoesters within 24 h. 

However, two PAEs (DEHP and dicyclohexyl phthalate (DCHP)) could not be degraded 

in the same period. In this study, while both esterase enzymes were able to degrade DBP 

with high efficiency in soil 1 and soil 2, they could not exhibit the same degradation 

ability on DEHP in both soil at the same time. It is apparent from Figure 6.4 that the 

esterase degraded DEHP more slowly. Numerous studies have highlighted that the 

degradation rate of PAEs tends to decrease as the molecular weight increases (Dulazi and 

Liu, 2011; Ren et al., 2016; Balci et al., 2022; Sun et al., 2022a). Therefore, it is likely 

that the degradation of DEHP may take a longer time compared to that of DBP, 

considering their respective molecular weights. 

 

 

6.3.5. Sequence Analysis 

 

 

The BLAST and Clustal Omega searches of the deduced amino acid sequence 

unveiled notable similarities, accounting for approximately 74.5%, between Bacillus 

subtilis esterase and Geobacillus sp. esterase, as illustrated in Figure 6.5. These encoded 

esterase proteins are both comprised of 246 amino acids. Bacillus subtilis esterase has a 

mass of 28.193 kDa, while Geobacillus sp. esterase has a slightly higher mass of 28.256 

kDa. 

One of the largest families of structurally similar proteins, the α/β hydrolase fold 

family includes both catalytic and non-catalytic functions (Carr and Ollis, 2009). The α/β 

hydrolase fold is a common folding pattern shared by lipase and esterase enzymes (Ollis 

et al., 1992). A catalytic triad made up of a nucleophilic residue, a catalytic acid that is 

not directly involved in catalysis, and a histidine residue makes up the active site of 
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several α/β hydrolases (Eggert et al., 2000). Serine, aspartate, or glutamate, as well as 

histidine, are commonly found in the active sites of hydrolases like esterase. The active 

site triads for both esterase enzymes consist of Ser93, Asp192, and His222.  

The consensus sequence Gly-X-Ser-X-Gly is present in the majority of esterase 

enzymes (Mala and Takeuchi, 2008; Keun et al., 2012). The nucleophilic elbow, which 

characterizes the motif, is often located where a strand and a helix meet (Ollis et al., 1992; 

Keun et al., 2012). It offers details on how an amino acid sequence is categorized. The 

ScanProsite tool's findings show that the same motif is found in both esterase. The amino 

acids in the active site, which is the substrate binding site of enzymes, use many chemical 

mechanisms that convert the substrate to the product. That is, enzymatic reactions occur 

in the enzymes’ active sites. The substrate specificity of the enzyme depends on the 

characteristic properties of the active site region. It is determined by the arrangement of 

amino acids within the active site and the structure of the substrates. Different substrate 

specificity can arise from identical active sites due to the influence of substrate and 

enzyme dynamics (Gade et al., 2021). Bacillus subtilis esterase and recombinant esterase 

(Geobacillus sp.) have the same active site triad. However, the DBP and DEHP 

degradation ability of recombinant esterase is much lower than that of Bacillus subtilis 

esterase. This can be attributed to their difference in substrate specificity. Substrate 

specificity is crucial, but other enzyme properties also play a role in enzyme’s selectivity. 

For instance, the substitution of amino acids in the entrance region of an enzyme's active 

site can modify its selectivity towards specific substrates (Albayati et al., 2020). The 

specificity and selectivity of enzymes when catalyzing various substrates are determined 

by the extent of complementarity between the substrate and the enzyme. Additionally, 

specific interactions that occur between the substrate and the enzyme's residues play a 

crucial role in this process (Albayati et al., 2020). 
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Figure 6.5. Multiple amino acid sequence alignment of esterase  from Bacillus 

subtilis and Geobacillus sp. 

 

 

6.3.6. Degradation products 

 

 

Degradation products of DBP and DEHP by Bacillus subtilis esterase and 

recombinant esterase were discovered by comparing the mass spectra at a retention time 

(RT) with the mass spectra (m/z) from database in the literature. Figure 6.6 and Figure 

6.7 represent the LC-MS chromatogram of identified products of DBP and DEHP. DBP 

and DEHP standard solution in the absence of esterase was used as the control samples. 

The m/z ratio of DBP was determined to be 279.15 at 8.5 min (Figure 6.6a). Previous 

studies reported that DMP, MBP, phthalic acid (PA), corresponding alcohol, and phthalic 

anhydride (PAn) were metabolites occurring during DBP degradation by microorganisms 

or enzymes (Kim and Lee, 2005; Fang et al., 2010; Tang et al., 2016; Bope et al., 2019). 

During the DBP degradation experiments conducted in soil by Bacillus subtilis esterase 

and recombinant esterase, PAn (m/z 149.02, RT 1.3 min), DMP (m/z 163.038 RT 6.1 

min), and MBP (m/z 222, RT 7.7 min) were explored to be DBP’s products. However, 

PAn was not only detected in soil 1 in the presence of recombinant esterase enzyme. The 

DBP degradation experiments result in the formation of MBP and DMP through a 

transesterification reaction in the presence of methanol (Kim and Lee, 2005; Ahn et al., 
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2006). The identified intermediate products can subsequently metabolize to PA by 

hydrolysis of ester group and demethylation (Tang et al., 2016). Under appropriate 

conditions, PA can convert PAn (Bope et al., 2019). 

As for LC-MS chromatogram of DEHP, the m/z ratio of DEHP was 391 at 11.5 min 

(Fig 6.7a). At the end of DEHP degradation by both esterase in soil 1 and soil 2, new 

peaks appeared along with DEHP. The metabolites that emerge as a result of the 

degradation of DEHP are identified MEHP (m/z 277, RT 8.7 min) and PAn. The retention 

time of MEHP and PAn was less than that of DEHP. This is due to the fact that their 

polarity was higher than that of DEHP (Li et al., 2019). Via de-esterification reaction, an 

ester bond of DEHP can be attacked by an active amino acid residue on enzyme. 

Therefore, DEHP can be hydrolyzed to MEHP. The other ester bond on MEHP can be 

hydrolyzed to PA which is a key metabolite in the biodegradation of DEHP (Sun et al., 

2022b). The presence of PA was not observed in the chromatogram of LC-MS analysis 

conducted after enzymatic degradation of DBP and DEHP in soil 1 and soil 2. Because 

PA can dehydrate to form PAn under MS conditions (Comak, 2008). Furthermore, it may 

be due to the conversion of all unreacted acids to the corresponding anhydride. As seen 

in Figures 6.6c and 6.7c, at DBP and DEHP degradation experiments in soil 1, 

recombinant esterase could not degrade PAEs to PAn. However, it was able to degrade 

PAEs up to PAn in soil 2 (Figures 6.6e and 6.7e). This can be attributed to the effect of 

soil characteristics on the PAE degradation ability of recombinant esterase. Despite all 

this, Bacillus subtilis esterase degraded DBP and DEHP to PAn in both soil 1 and soil 2 

(Figures 6.6 and 6.7). These results indicate that Bacillus subtilis esterase was much more 

effective in the degradation of PAEs in soils compared to Geobacillus sp esterase. 

However, both enzymes have a very high potential to degrade PAEs in soil. The formation 

of MPEs and PAn as a result of PAEs degradation by enzymes is a critical step for 

microbial degradation (Liang et al., 2008). Therefore, it can be concluded that the 

presence of both esterase would significantly enhance the microbial degradability of 

PAEs. These enzymes can be used for the remediation of PAE contamination. 
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(a) 

 
(b) 

 
(c) 

 
(d) 

 
(e) 

 

Figure 6.6. LC-MS chromatogram of the samples before (a) and after DBP 

degradation experiments conducted in soil 1 and soil 2 in the 

presence of Bacillus subtilis  esterase (b and d) and recombinant 

esterase (c and e). 
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(a) 

 
(b) 

 
(c) 

 
(d) 

 
(e) 

 

Figure 6.7. LC-MS chromatogram of the samples before (a) and after DEHP 

degradation experiments conducted in soil 1 and soil 2 in the 

presence of Bacillus subtilis  esterase (b and d) and recombinant 

esterase (c and e).  
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6.4. Conclusion 

 

 

This study investigated the enzymatic degradation of DBP and DEHP in two types 

of soil. Bacillus subtilis esterase could effectively degrade DBP and DEHP, whereas 

recombinant esterase had less effect on DBP and DEHP degradation. Although the 

Bacillus subtilis esterase and recombinant esterase have the same active site triad, they 

exhibited different substrate specificity owing to the effects of substrate characteristics 

and enzyme dynamics. It was observed that DEHP degradation needed a long time in soil 

media. The degradability of PAEs negatively correlated with the alkyl side chain. The 

variation in the biodegradability of PAEs can be attributed to the steric effects of the side 

ester chains of PAEs. These ester chains hinder the binding of hydrolytic enzymes to 

PAEs, subsequently impeding their hydrolysis. In the enzymatic degradation experiments 

of PAEs in soil, the esterase enzymes were not particularly effective in the degradation 

of DEHP. This is because the characteristic properties of soil have effects on the enzyme 

activity. This can affect the PAE-degrading ability of the esterase enzyme. The results 

obtained in this study are expected to guide the application of esterase in the remediation 

of waterbody and soil contaminated by various PAEs. Furthermore, the procedure and 

results of this study will offer both experimental and theoretical insights for the 

development of in situ enzymatic remediation of PAE-contaminated soils. 
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CHAPTER 7 

 

 

CONCLUSION 

 

 

This thesis focused on the enzymatic degradation of phthalic acid esters (PAEs) 

congeners, which possess both short (Dibutyl phthalate; DBP) and long alkyl 

(Diethylhexyl phthalate; DEHP) side chains in water and soil. These compounds are 

known to act as endocrine disruptors, mutagens, hepatotoxic agents, and carcinogens. The 

main objective is to develop a practical, effective, and eco-friendly pathway on the 

removal of PAEs from the contaminated environment, mitigating their adverse impact on 

ecosystems and living organisms. In this regard, recombinant esterase enzyme originating 

from Geobacillus sp. was successfully expressed and purified to degrade PAE congeners 

in water and soil. To compare the PAE-degrading abilities of commercial enzymes from 

various microorganisms with those of the recombinant enzyme, experiments were 

conducted in the presence of commercial esterase and lipase enzymes. The most 

important findings of this thesis study are as follows: 

• Both recombinant and commercial enzymes degraded DBP and DEHP to a 

reasonable extent. While commercial enzymes exhibited over 90% degradation 

efficiency of PAE congeners, the recombinant enzyme degraded these congeners 

to a limited extent in water. 

• Immobilization of enzymes to HNTs by adsorption method did not significantly 

affect the activity of commercial enzymes. The formed enzyme composites 

could be reused for 7 degradation cycles, keeping a remarkable catalytic activity.  

• In other immobilization method (crosslinking), two bionanocomposites (CTS-

HNT and ALG-HNT) were prepared by immobilizing commercial enzyme 

(Bacillus subtilis esterase) to HNTs modified with chitosan (CTS) and alginate 

(ALG). The bionanocomposite with CTS showed the best degradation levels in 

batch tests, attaining complete degradation of DBP and around 90% of DEHP.  

• In the studies conducted to treat intentionally contaminated soil with DBP and 

DEHP in the presence of Bacillus subtilis esterase and recombinant esterase, 

recombinant esterase had a less significant effect on the degradation of DBP and 
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DEHP than Bacillus subtilis esterase. Whereas both Bacillus subtilis esterase and 

recombinant esterase have the same active site triad, their substrate selectivity 

can vary depending on the properties of the substrate and the dynamics of the 

enzyme. Besides, the soil characteristics had an impact on the enzymes’ activity 

and degradation performance.  

In conclusion, enzymatic degradation, which is an economical, safe, and 

environmentally friendly method, was successfully carried out to remove PAEs, which 

have negative effects on living things and the environment. With immobilization methods 

such as adsorption and cross-linking, the activity and stability of the enzymes were largely 

preserved throughout long-term degradation experiments. The findings of this thesis are 

anticipated to provide valuable guidance for the use of both immobilized and free 

enzymes in the remediation of environments contaminated with various PAEs.  
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CHAPTER 8 

 

 

FUTURE PROJECTION 

 

 

In future research endeavors, we advocate for the efficient utilization of both 

Bacillus subtilis esterase and recombinant esterase in addressing environmental pollutants 

containing ester bonds. While the thermophilic variant of the recombinant enzyme 

exhibited diminished performance, identifying, and overcoming the limitations 

highlighted in this study is crucial for further exploration. Employing a dual strategy 

involving mutation and promoter engineering holds promise for enhancing the enzymatic 

activity of the recombinant esterase in degrading PAEs and improving overall efficiency. 

Simultaneously, our findings propose that the enzymatic hydrolysis of PAEs makes 

them susceptible to microbial influence for further degradation. Consequently, this 

study's methodology can be adapted for other congeners of PAEs, shedding light on their 

interactions with enzymes. This versatility opens the door to a range of applications in 

areas where phthalic acid esters are present, establishing a foundation for deploying the 

recombinant esterase enzyme with heightened PAE-degrading capabilities across various 

contexts. 
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APPENDIX B 

 

 

SUPPLEMENTARY INFORMATION FOR CHAPTER 2 

 

 

Table B.1. CCDFC arrangement with 24 and the experimental responses for the esterase 

immobilization. 

 

Run 

X1,  

pH 

X2,  

Time 

(min) 

X3, 

E/H 

X4,  

Temperature 

(°C) 

Y1,  

Adsorption 

efficiency 

(%) 

Y2,  

Specific enzyme 

activity (U/mg) 

1 5 30 0.02 20 77.61 1.31 

2 5 30 0.02 40 63.30 2.30 

3 5 360 0.02 20 78.77 1.38 

4 5 360 0.02 40 72.31 2.28 

5 6 195 0.02 30 92.57 7.16 

6 7 30 0.02 20 60.94 27.80 

7 7 30 0.02 40 22.41 30.91 

8 7 360 0.02 20 67.17 27.91 

9 7 360 0.02 40 22.75 34.61 

10 5 195 0.11 30 95.42 2.22 

11 6 30 0.11 30 87.65 7.19 

12 6 195 0.11 20 78.37 5.15 

13 6 195 0.11 30 82.86 7.18 

14 6 195 0.11 30 84.65 7.08 

15 6 195 0.11 30 84.33 7.04 

16 6 195 0.11 30 84.99 7.12 

17 6 195 0.11 30 85.36 7.11 

18 6 195 0.11 30 84.92 8.19 

19 6 195 0.11 40 53.18 9.13 

20 6 360 0.11 30 92.89 7.07 

21 7 195 0.11 30 62.97 30.60 

22 5 30 0.2 20 67.85 2.37 

23 5 30 0.2 40 81.86 3.05 

24 5 360 0.2 20 79.56 2.35 

25 5 360 0.2 40 94.73 3.94 

26 6 195 0.2 30 87.74 7.16 

27 7 30 0.2 20 60.09 26.29 

28 7 30 0.2 40 24.72 30.78 

29 7 360 0.2 20 60.92 25.83 

30 7 360 0.2 40 39.39 34.78 

 

 

 

 

 



 
 

170 

  

Table B.2. ANOVA results for the proposed model on the adsorption efficiency of HNTs 

with esterase. 

 
Source Sum of squares df Mean square F-value Prob > F 

Model 12518.56 14 894.18 63.14 < 0.0001 

X1-pH 4673.99 1 4673.99 330.06 < 0.0001 

X2-Adsorption Time 214.04 1 214.04 15.11 0.0015 

X3-Enzyme/HNT 84.67 1 84.67 5.98 0.027 

X4-Adsorption temperature 1362.93 1 1362.93 96.25 < 0.0001 

X1X2 10.01 1 10.01 0.71 0.413 

X1X3 25.42 1 25.42 1.79 0.200 

X1X4 1373.91 1 1373.91 97.02 < 0.0001 

X2X3 34.10 1 34.10 2.41 0.141 

X2X4 17.98 1 17.98 1.27 0.277 

X3X4 360.99 1 360.99 25.49 0.0001 

X1
2 182.47 1 182.47 12.89 0.0027 

X2
2 18.62 1 18.62 1.31 0.269 

X3
2 17.08 1 17.08 1.21 0.289 

X4
2 1233.33 1 1233.33 87.09 < 0.0001 

Residual 212.41 15 14.16   

Lack of Fit 208.50 10 20.85 26.65 0.001 

Pure Error 3.91 5 0.78   

Cor Total 12730.97 29    

 Std. Dev. 3.76 R2 0.983  

 Mean 71.08 Adj. R2 0.968  

 C.V. (%) 5.29 Pred. R2 0.902  

 R2 0.983 Adeq. 

Precision 

28.066  

P < 0.05 significant; P > 0.05 not significant 
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Table B.3. ANOVA results for the model on the specific activity of HNTs with esterase. 

 
Source Sum of squares df Mean 

square 

F-value Prob > F 

Model 3828.25 14 273.45 1254.63 < 0.0001 

X1-pH 3235.03 1 3235.03 14842.97 < 0.0001 

X2-Adsorption Time 0.07 1 0.07 0.32 0.5780 

X3-Enzyme/HNT 0.20 1 0.20 0.91 0.3563 

X4-Adsorption Temperature 30.35 1 30.35 139.25 < 0.0001 

X1X2 0.02 1 0.02 0.098 0.7585 

X1X3 3.05 1 3.05 14.00 0.0020 

X1X4 9.13 1 9.13 41.89 < 0.0001 

X2X3 0.15 1 0.15 0.68 0.4229 

X2X4 0.22 1 0.22 1.01 0.3317 

X3X4 1.57 1 1.57 7.22 0.0169 

X1
2 219.67 1 219.67 1007.90 < 0.0001 

X2
2 0.01 1 0.01 0.075 0.7885 

X3
2 4.11E-003 1 4.11E-003 0.019 0.8926 

X4
2 0.81 1 0.81 3.73 0.0726 

Residual 3.27 15 0.22   

Lack of Fit 3.25 10 0.32 75.04 < 0.0001 

Pure Error 0.02 5 4.33E-003   

Cor Total 3831.52 29    

 Std. Dev. 0.47 R2 0.999  

 Mean 12.28 Adj. R2 0.998  

 C.V. (%) 3.80 Pred. R2 0.994  

 R2 0.999 Adeq. 

Precision 

90.79  

P < 0.05 significant; P > 0.05 not significant 
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(a) 

 

 
(b) 

 

Figure B.1. (a) Enzyme activities at different temperatures and (b) DBP degradation 

ability of the enzymes under optimum temperature conditions for 15 min. 
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(a) 

 

(b) 
 

Figure B.2. Thermal (a) and storage stability (b) of free esterase and HNT-enzyme 

composite. 
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Figure B.3. Reusability of HNT-enzyme composite for 7 cycles. 

 

 

Figure B.4. HPLC-MS chromatogram of the sample before degradation experiment (a) 

and after degradation experiment by; free esterase (b) and HNT-enzyme 

composite (c). 
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APPENDIX C 

 

 

SUPPLEMENTARY INFORMATION FOR CHAPTER 3 

 

 
 

 

(a) 

 

(b) 

 

Figure C.1. TEM images of (a) pure HNTs and (b) HNTs-P composite. 
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(a) 

 

(b) 

 

Figure C.2. (a) FT-IR spectra and (b) TGA profile of HNTs (green) and HNTs-P 

composite (purple). 
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Figure C.3. Thermal stability test results: Free palatase and HNTs-P composite. 

 

 

 
Figure C.4. Storage stability test results: Free palatase and HNTs-P composite. 
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Figure C.5. pH test stability results: Free palatase and HNTs-P composite. 
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APPENDIX D 

 

 

SUPPLEMENTARY INFORMATION FOR CHAPTER 4 

 

 

t  

(a) 

 

(b) 

 

Figure D.1. SEM (a) and TEM (b) images of pure HNT. 
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(a) 

 
(b) 

 
(c) 

 
(d) 

 
(e) 

        
(f) 

 
(g) 

        
(h) 

 

Figure D.2. SEM images of: CTS-HNT (a-b) and ALG-HNT beads (c-d). TEM images 

of: (e) CTS-HNT and (f) CTS-HNT-EST, (g) ALG-HNT and (h) ALG-HNT-

EST.  
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Figure D.3. In the top FT-IR spectrum of (a) the esterase (EST), (b) CTS, (c) HNT, (d) 

CTS-HNT, (e) CTS-HNT-GTA, and (f) CTS-HNT-GTA-EST; In the bottom 

FT-IR spectrum of (a) EST, (b) ALG, (c) HNT, (d) ALG-HNT, (e) ALG-

HNT-GTA, and (f) ALG-HNT-GTA-EST. 
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Figure D.4. Thermal analysis curve of esterase, CTS-HNT with esterase, and ALG-HNT 

with esterase. 
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A 

B 

Figure D5. HPLC-MS chromatogram of (A) DBP sample in DMSO before DBP 

degradation experiment (a), and after degradation in the presence of the free 

esterase (b), the esterase immobilized on the CTS-HNT (c) and ALG-HNT 

(d) beads; (B) DEHP before degradation experiment (e), after degradation 

experiment in the presence of free esterase (f), the esterase immobilized on 

CTS-HNT (g) and ALG-HNT (h) beads. 
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